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THE LIST OF ABBREVIATIONS 

ADP   adenosine 5'-diphosphate 

ANT   adenine nucleotide translocase 

AOAA   aminooxyacetic acid (GABA-T inhibitor) 

A-SUCL  ADP-forming succinate-CoA ligase (human) 

ATP   adenosine 5'-triphosphate 

ATPin/ADPin  intramitochondrial ATP/ADP ratio 

atpn   atpenin A5 (succinate dehydrogenase inhibitor) 

cATR   carboxyatractyloside (ANT inhibitor) 

CHR   chrysin (diaphorase inhibitor) 

CN   potassium cyanide 

CoASH  coenzyme A 

CoQ1   coenzyme Q1 = ubiquinone 5 

CoQ10   coenzyme Q10 = ubiquinone = ubiquinone 50 

CoQ9   coenzyme Q9 = ubiquinone 45 

D2HGDH  D-2-hydroxyglutarate dehydrogenase 

DCPIP   2,6-dichlorophenol-indophenol 

DHODH  dihydroorotate dehydrogenase 

DIC   dicoumarol (diaphorase inhibitor) 

DLD   dihydrolipoil dehydrogenase 

dOH-F   dihydroxyflavone (diaphorase inhibitor) 

DQ   duroquinone = 2,3,5,6-Tetramethyl-1,4-benzoquinone 

e-D    electron donor 

e-D(red) or e-D(ox) electron donor in the reduced or oxidized state, respectively 

Erev_ANT  reversal potential of the adenine nucleotide translocase 

Erev_ATPase  reversal potential of the Fo-F1 ATP synthase 

ETC   electron transport chain 

ETF   electron-transferring flavoprotein 

ETFDH  electron-transferring flavoprotein dehydrogenase 

FAD   flavin adenine dinucleotide (oxidized form) 

FADH2  flavin adenine dinucleotide (reduced form) 

GABA   γ-aminobutyrate  
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GABA-T  γ-aminobutyrate aminotransferase = GABA transaminase 

GAD   glutamate decarboxylase 

GAD(65 or 67) glutamate decarboxylase, 65 or 67 kDa isoform 

GDP   guanosine 5'-diphosphate 

GHB   γ-hydroxybutyrate 

glu   glutamate 

GLUD   glutamate dehydrogenase 

GOT2 mitochondrial aspartate aminotransferase = glutamate-

oxaloacetate transaminase 2 

GPDH   glycerol-3-phosphate dehydrogenase 

G-SUCL  GDP-forming succinate-CoA ligase (human) 

GTP   guanosine 5'-triphosphate 

HOT   hydroxyacid-oxoacid transhydrogenase 

IDB   idebenone = 2-(10-hydroxydecyl)-5,6-dimethoxy-3-  

   methylcyclohexa-2,5-diene-1,4-dione 

IDH   isocitrate dehydrogenase 

KGDHC  α-ketoglutarate dehydrogenase complex 

mal   malate 

MCT   monocarboxylate transporter 

MCT(2 or 4)  monocarboxylate transporter, isoform 2 or 4, respectively 

mito   mitochondria 

mitoQ mitoquinone = [10-(4,5-Dimethoxy-2-methyl-3,6-dioxo-1,4-

cyclohexadien-1-yl)decyl](triphenyl)phosphonium 

mln   malonate (succinate dehydrogenase inhibitor) 

MND   menadione = vitamin K3 = 2-methyl-1,4-naphtoquinone 

MNQ   2-methoxy-1,4-naphtoquinone  

mtDNA  mitochondrial DNA 

NAD(P)+  nicotinamide adenine dinucleotide (phosphate), oxidized form 

NAD(P)H  nicotinamide adenine dinucleotide (phosphate), reduced form 

NQO1 or Nqo1 NAD(P)H quinone oxidoreductase 1 (human or mouse) 

Nqo2   NAD(P)H quinone oxidoreductase 1 (mouse) 

olgm   oligomycin (Fo-F1 ATP synthase inhibitor) 
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PEPCK  phosphoenolpyruvate carboxykinase 

PHND   phenindione (diaphorase inhibitor) 

Pi   inorganic phosphate 

Q   lipophilic quinone 

Q’   hydrophilic quinone 

QH2   lipophilic quinol 

QH2’   hydrophilic quinol 

RCR   respiratory control ratio 

RET   reverse electron transport 

ROS   reactive oxygen species 

rot   rotenone (complex I inhibitor) 

SDH   succinate dehydrogenase 

SF    SF6847 = 3,5-di-tert-butyl-4-hydroxybenzylidenemalononitrile  

   (uncoupler) 

shRNA  short hairpin RNA 

siRNA   small interfering RNA 

SLP   substrate-level phosphorylation 

SSA   succinic semialdehyde 

SSADH  succinic semialdehyde dehydrogenase 

SSAR succinic semialdehyde reductase 

stigm   stigmatellin (complex III inhibitor) 

succ   succinate 

SUCL succinate-CoA ligase = succinyl-CoA synthetase = succinate 

thiokinase (human) 

SUCLA2 or Sucla2 ADP-forming succinate-CoA ligase β subunit (human or mouse) 

Suclg2 GDP-forming succinate-CoA ligase β subunit (mouse) 

VGBT   vigabatrin = γ-vinyl-GABA (GABA-T inhibitor) 

WT   wild type 

α-KG   α-ketoglutarate 

β-OH   β-hydroxybutyrate 

∆Ψm   mitochondrial membrane potential  
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1. INTRODUCTION  

Mitochondria, double-membrane-bound organelles found in the most eukaryotic 

cells, form a dynamic network with frequent changes in their number and morphology. 

Their ubiquitous presence was first described by Altmann in 1890 and since then 

extensive literature has accumulated regarding their structure and operation [1]. 

Mitochondria are usually brought in context as the sites of cellular respiration since they 

consume oxygen for the aerobic metabolism of nutrients. Beside energy provision, 

mitochondria exhibit an important role in several other cell functions, such as heat 

production, regulation of Ca2+ homeostasis, or production of intracellular reactive 

oxygen species (ROS) as signaling molecules. They are also involved in the synthesis of 

steroid hormones, heme, Fe-S clusters, lipids and pyrimidine nucleotides. In addition to 

their role of maintaining these vital processes, it has turned out that they are key 

components in cell death. Another unique feature of these organelles is that they possess 

their own DNA (mtDNA). This encodes however 13 proteins only, all of which are 

components of the oxidative phosphorylation. The majority of mitochondrial proteins is 

thus nuclear-encoded and has to be actively imported into the mitochondrial 

compartments, followed by assembly into functional macromolecular complexes. 

Mindful of their diverse roles, it is not surprising that the dysfunction of 

mitochondria has been described to participate in a number of pathological conditions. 

Mutations in mtDNA or in genes of nuclear-encoded mitochondrial proteins lead to a 

heterogeneous group of – usually severe and incurable – diseases. The contribution of 

mitochondria to the pathomechanism of neurodegenerative diseases, cancer, ischaemia-

reperfusion injury, obesity, metabolic syndrome, and aging rendered these organelles an 

important subject of research [2; 3].  

ATP generation by mitochondria is a key component in determining the outcome 

of the above mentioned diseases. In case the condition is associated with an impaired 

respiration of these organelles, oxygen-independent energy-producing pathways such as 

mitochondrial substrate-level phosphorylation (SLP) become of particular importance. 

The topic of the present thesis concerns the bioenergetic aspects of mitochondrial 

metabolism when the respiratory chain is dysfunctional, focusing on the metabolic 

pathways influencing SLP. 
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1.1. Oxidative phosphorylation and mitochondrial respiration 

Catabolic pathways converge at mitochondria, where the final phase of fuel 

degradation, the oxidative phosphorylation takes place. Carbohydrates, amino acids and 

fatty acids are eventually oxidized in the citric acid cycle in the mitochondrial matrix. 

Electrons arising from the action of dehydrogenases are transferred to the complexes of 

the inner mitochondrial membrane by universal electron carriers, NAD+ or FAD. The 

membrane-embedded four complexes of the respiratory chain allow the flow of 

electrons to their final electron acceptor, molecular oxygen. Electrons carried in the 

form of NADH enter the respiratory chain at the level of complex I, whereas those 

coming from succinate oxidation are transferred to the FAD prosthetic group of 

complex II (succinate dehydrogenase, SDH). Both complexes reduce a mobile electron 

carrier, ubiquinone to ubiquinol. Ubiquinol can also be produced by the electron-

transferring flavoprotein (ETF) system, or by glycerol-3-phosphate dehydrogenase 

(GPDH) [4], or in the reaction catalyzed by dihydroorotate dehydrogenase (DHODH) 

[5]. The first one represents a pathway in fatty acid oxidation, in which electrons from 

fatty acyl-CoA are transferred to ETF and from there they are passed to ubiquinone via 

electron-transferring flavoprotein dehydrogenase (ETFDH). GPDH converts glycerol-3-

phosphate to dihydroxyacetone phosphate, and DHODH is involved in de novo 

pyrimidine biosynthesis, oxidizing dihydroorotate into orotate – both reactions are 

coupled to the reduction of ubiquinone [4; 5]. Ubiquinol coming from either source 

donates electrons to complex III, which is then reoxidized by an intermembrane space 

protein, cytochrome c. This moves to complex IV, where electrons are ultimately passed 

to molecular oxygen. The utilization of substrates is connected to oxygen consumption 

this way, which is the basis of cellular respiration [4].  

After years of searching for the mechanism by which mitochondria link nutrient 

oxidation to ATP production, the chemiosmotic theory was introduced by Mitchell in 

1961 [6] and later confirmed experimentally by several laboratories [1]. The key aspect 

of this theory is that the respiratory chain complexes possess proton pump activity, and 

the free energy change arising from the electron transfer allows the translocation of 

protons from the matrix into the intermembrane space. Due to the proton 

impermeability of the inner membrane this creates an electrochemical gradient, termed 

the proton-motive force. This gradient, composed of a chemical (∆pH) and an electrical 
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potential energy (mitochondrial membrane potential, ∆Ψm), drives the synthesis of ATP 

as protons flow back into the matrix through the Fo-F1 ATP synthase complex [4]. 

The Fo-F1 ATP synthase consists of a membrane-embedded Fo part, through 

which protons can flow back into the matrix, and an extramembraneous F1 sector, which 

is responsible for ATP production. The enzyme establishes ATP synthesis through a 

rotational catalysis, with the c-ring of the Fo moiety rotating in a clockwise direction (as 

viewed from the membrane) at about 100 times per second. The structure of the 

mammalian c-ring has been determined recently and lead to the recognition, that the 

translocation of 2.7 protons is required to generate one ATP molecule [7]. 

ATP synthesized in the matrix is transported to the cytosol by an integral protein 

of the inner membrane, the adenine nucleotide translocase (ANT). The enzyme exports 

ATP in exchange for ADP with a 1:1 stoichiometry. Since ATP has one more negative 

charge than ADP, the transport is electrogenic and is driven by the membrane potential 

[8; 9]. ANT is the most abundant protein in the inner mitochondrial membrane, 

representing approximately 10% of the total protein content. Until now four ANT 

isoforms have been identified in mammals, with a sequence homology between 80 and 

90% and with a different tissue-specific expression pattern. Beside the exchange of ATP 

and ADP, the role of the different isoforms in apoptosis and cancer progression has 

been described as well [10]. ANT is known to be a modulatory element of the 

mitochondrial permeability transition pore [11] – a pore in the inner mitochondrial 

membrane the opening of which is triggered by Ca2+ and possibly leads to cell death –, 

and ANT1 has been recently identified as the voltage sensor of this phenomenon [12]. 

Unlike the Fo-F1 ATP synthase which utilizes Mg2+-complexes, the substrates of ANT 

are the free adenine nucleotides only [9; 13]. 

In intact mitochondria, ATP synthesis and oxygen consumption are obligatory 

coupled: in the absence of ADP respiration is impaired, and vice versa, the lack of 

oxygen prevents phosphorylation. Respiratory steady states in experiments using 

isolated mitochondria were defined by Chance and Williams in 1955 [14]. According to 

this terminology, state 1 refers to the presence of mitochondria in a phosphate-

containing medium which lacks substrate and phosphate acceptor. State 2 is achieved by 

the addition of ADP, under these conditions the rate limiting component of respiration 

is the concentration of endogenous substrates. Provision of exogenous substrates results 
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in the acceleration of oxygen consumption, this is the state of oxidative phosphorylation 

termed state 3. After the exhaustion of ADP respiration slows down and state 4 is 

reached, and the consumption of all the dissolved oxygen (in a closed chamber) leads to 

state 5, the state of anoxia. This nomenclature has been modified later, based on a 

different sequence of additions in the experimental protocol [15; 16]. In the new system 

state 2 indicates the condition after the addition of respiratory substrates, followed by 

state 3 where ADP is present as well. The definition of state 1, 3, 4 and 5 remained 

basically unchanged. Oxygen consumption in state 2 - when exogenous substrates are 

provided but the phosphate acceptor is absent - reflects the proton conductance of the 

inner membrane (proton leak): some protons can return to the matrix through alternative 

pathways compared to the Fo-F1 ATP synthase. ANT was shown to be the main 

contributor to this basal proton leak [17].  

These well-defined respiratory states cannot be applied directly for mitochondria 

under physiological conditions. Little is known about the rate of oxygen consumption of 

mitochondria in vivo, but it is thought that due to the physiological ATP turnover, 

mitochondria in the cell exist in an intermediate state between state 3 and 4 [18]. 

 

1.2. Reversibility of the Fo-F1 ATP synthase and the ANT 

The Fo-F1 ATP synthase can not only synthesize ATP but is also capable of 

hydrolyzing it [19]. Since in the presence of high concentrations of inorganic phosphate 

(Pi) ∆pH across the mitochondrial membrane is small [20], the direction of the enzyme 

complex is mainly regulated by the ∆Ψm component of the proton-motive force. When 

this parameter moves towards more positive values, the Fo-F1 ATP synthase can reverse 

and pump protons out of the mitochondrial matrix in order to maintain a suboptimal 

membrane potential. The ∆Ψm value where the enzyme complex switches from ATP 

producing to ATP hydrolyzing mode is termed reversal potential (Erev_ATPase). The 

reversal potential of the Fo-F1 ATP synthase complex can be calculated using the 

following equation [21]:  
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where in and out signify inside and outside of the mitochondrial matrix, n is the H+/ATP 

coupling ratio [7], R is the universal gas constant (8.31 J . mol–1 . K–1), F is the Faraday 

constant (9.64 x 104 C . mol–1), T is temperature (in degrees Kelvin), KM(ADP) and 

KM(ATP) are the true affinity constants of Mg2+ for ADP and ATP valued 10–3.198 and 

10–4.06, respectively [22], and [Pi] is the free phosphate concentration (in molar) given 

by the second equation, where pKa2 is 7.2 for phosphoric acid.  

During the reverse operation of the enzyme, the ATP that is hydrolyzed can 

originate either from intramitochondrial resources or from the cytosol. The latter 

requires the reversal of the ANT, so that the transporter will import extramitochondrial 

ATP and export ADP generated in the matrix. The reversal potential of the ANT 

(Erev_ANT) can be defined according to the following equation [21]: 

 

E���_)@/ �
2.3 RT

F
 x log

�ADP.� free234 x �ATP�� free$%

�ADP.� free$% x �ATP�� free234

  

 

where the same symbols are used as in the case of Erev_ATPase.  

In summary, when the oxidative phosphorylation is impaired, mitochondrial 

membrane potential can decrease below the reversal potential values, which leads to a 

reverse operating ANT and Fo-F1 ATP synthase. The reversal of the two enzymes serves 

the purpose of preventing further depolarization and a subsequent opening of the 

permeability transition pore. The glycolytic ATP being imported by the ANT will be 

hydrolyzed by the Fo-F1 ATP synthase while protons are translocated to the 

intermembrane space. In reverse mode, also the electrogenic nature of the ANT 

contributes to the maintenance of the potential difference across the inner membrane 

[23].  
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1.3. The B space of mitochondrial phosphorylation

As the intramitochondrial ATP/ADP ratio

in the two equations above,

function of ATPin/ADPin. 

computational estimation for 

Figure 1. Computational estimation of 
[ATP] in/[ADP] in ratios. A: ATPase forward, ANT forward; B: ATPase reverse, ANT 
forward; C: ATPase reverse, ANT reverse; D: ATPase forward, ANT reverse. Black 
triangles represent Erev_ATPase

for [ATP]out = 1.2 mM, [ADP]
pHout = 7.25. (Adapted from reference 
 

The two curves define four areas in the graph: 

an ATPin/ADPin which places them in the A space 

ANT working in forward mode, 

Mitochondria with low membrane potential are found in

F1 ATP synthase and ANT. 

ATP. However, the directionality of the F

necessarily change simultaneously. In the B space, 

potential value more positive than the E

indicating that the Fo-F1 ATP synthase hydrolyzes ATP but the ANT still operates in 

ATP-exporting direction. Finally,

but the ANT also increases 

12 

of mitochondrial phosphorylation 

As the intramitochondrial ATP/ADP ratio (ATPin/ADPin) is a common parameter 

, Erev_ATPase and Erev_ANT can be represented in one figure as a 

. Based on this, Fig. 1 from reference 

for the reversal potential values of the two enzymes.

Computational estimation of Erev_ANT and Erev_ATPase at different free 
A: ATPase forward, ANT forward; B: ATPase reverse, ANT 

forward; C: ATPase reverse, ANT reverse; D: ATPase forward, ANT reverse. Black 
rev_ATPase; white triangles represent Erev_ANT. Values were computed 

= 1.2 mM, [ADP]out = 10 µM, [Pi] in = 0.02 M, n = 3.9, pH
= 7.25. (Adapted from reference [21]) 

curves define four areas in the graph: mitochondria with a 

which places them in the A space have the Fo-F1 ATP synthase and the 

ANT working in forward mode, which implies that they produce and export ATP. 

with low membrane potential are found in the C space, with 

ATP synthase and ANT. In this case the organelles import and hydrolyze

the directionality of the Fo-F1 ATP synthase and ANT do not 

simultaneously. In the B space, mitochondria have a membrane 

positive than the Erev_ATPase but more negative than the E

ATP synthase hydrolyzes ATP but the ANT still operates in 

Finally, in the D space the Fo-F1 ATP synthase produces ATP, 

increases ATPin/ADPin by importing ATP from outside.

is a common parameter 

can be represented in one figure as a 

 [21] shows a 

the reversal potential values of the two enzymes. 

 
at different free 

A: ATPase forward, ANT forward; B: ATPase reverse, ANT 
forward; C: ATPase reverse, ANT reverse; D: ATPase forward, ANT reverse. Black 

. Values were computed 
3.9, pHin = 7.38, and 

mitochondria with a ∆Ψm value and 

ATP synthase and the 

they produce and export ATP. 

with reversed Fo-

and hydrolyze cytosolic 

ATP synthase and ANT do not 

mitochondria have a membrane 

than the Erev_ANT, 

ATP synthase hydrolyzes ATP but the ANT still operates in 

ATP synthase produces ATP, 

from outside. Nevertheless, 
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this region is characterized by a high membrane potential and a low matrical ATP/ADP 

ratio, which is very unlikely to occur under natural conditions, thus probably this area 

has no biological relevance. This also implies that in living cells, the Erev_ATPase is more 

negative than the Erev_ANT [23].  

It is important to stress that from the reversal potential values only the 

directionality of the two enzymes can be concluded, the figure provides no information 

of the actual enzyme activities. Experiments on isolated [24; 25] and in situ [26] 

mitochondria showed that during depolarization, the ADP-ATP exchange rate of the 

ANT decreases as the membrane potential is approaching Erev_ANT. At the reversal 

potential there is no net transport of adenine nucleotides across the inner mitochondrial 

membrane, whereas after passing this value, the transport of substrates in the opposite 

direction will start. The same scenario is assumed for the Fo-F1 ATP synthase [23].  

The B space of the figure is of special interest, since in such case, despite a 

substantial depolarization, mitochondria do not consume cytosolic ATP for the 

maintenance of their membrane potential. This phenomenon could have significance 

under many pathological conditions, where generation of the proton-motive force is 

damaged. Neurodegenerative diseases are usually associated with different respiratory 

complex deficiencies, for example a defect in complex I activity is reported in patients 

with Parkinson’s disease [27]. In Alzheimer’s disease primarily complex IV was shown 

to have diminished activity [28]. In addition, many rare mitochondrial diseases are 

known where due to mtDNA or mitochondrial protein encoding nuclear gene 

abnormalities the assembly of the respiratory complexes is damaged [29], thus a loss of 

membrane potential and reversal of the Fo-F1 ATP synthase is expected. Another 

relevant pathological condition is ischaemic-reperfusion injury where mitochondrial 

membrane potential is diminished due to limited oxygen availability [30]. In either case, 

mitochondrial ∆Ψm generation is compromised, and if the organelles get into the C 

space, they will start consuming cytosolic ATP. A decrease in the cellular energy pool 

can lead to a damage of essential cell functions, like to the hampered operation of ATP-

dependent pumps such as the Na+/K+-ATPase and Ca2+-ATPase. Therefore it can be 

critical for mitochondria to stay within the boundaries of the B space, so that cytosolic 

ATP pools will be preserved and the chances of the cell for survival will be improved 

[23; 31]. 
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1.4. Mitochondrial substrate-level phosphorylation 

Mitochondria with parameters located in the B space do not cease to export ATP 

despite a reverse working Fo-F1 ATP synthase. This implies that the ATP, which is 

hydrolyzed and exported simultaneously, comes from intramitochondrial sources other 

than the oxidative phosphorylation. Reactions capable of producing high energy 

phosphates independent of the respiratory chain are termed substrate-level 

phosphorylation. ATP originating from mitochondrial SLP can be crucial to keep 

mitochondria in the B space when their respiratory chain is dysfunctional [21]. 

Sufficient ATP production by SLP can prevent mitochondria from entering the C space 

in three ways: i) by providing ATP for the reverse operating Fo-F1 ATP synthase 

thereby maintaining a moderate ∆Ψm ii) an increase in ATPin/ADPin will translocate 

mitochondria upwards along the y axis in Fig. 1 making them more likely to stay in the 

B space, iii) it will affect the reversal potential values of both the Fo-F1 ATP synthase 

and the ANT. Based on equations 1 and 2, Erev_ATPase will be shifted towards more 

negative and Erev_ANT towards more positive values, leading to a broadening of the B 

space [23]. Thus a functional SLP can prevent mitochondria from ANT reversal and a 

subsequent consumption of cytosolic ATP.  

In mitochondria, phosphoenolpyruvate carboxykinase (PEPCK) and the succinate-

CoA ligase (SUCL, or succinate thiokinase or succinate-CoA ligase) are able to perform 

SLP. Mitochondrial PEPCK participates in the transfer of the phosphorylation potential 

from the matrix to the cytosol and vice versa [32]. SUCL catalyzes a reversible reaction 

in the citric acid cycle, it converts succinyl-CoA, ADP (or GDP) and Pi to succinate, 

ATP (or GTP) and CoASH [33]. The enzyme is a heterodimer, being composed of an 

invariant α subunit encoded by SUCLG1 and a substrate-specific β subunit encoded by 

either SUCLA2 or SUCLG2. This dimer combination results in either an ATP-forming 

succinate-CoA ligase (A-SUCL; EC 6.2.1.5) or a GTP-forming succinate-CoA ligase 

(G-SUCL; EC 6.2.1.4). The GTP-forming enzyme occurs mainly in anabolic tissues like 

liver and kidney, whereas A-SUCL can be found first of all in brain, heart and muscle 

[32; 33]. It was shown in human brain samples, that the ATP-forming β subunit is 

expressed exclusively in neurons of the cerebral cortex [34]. Moreover, in glial cells 

none of the two enzyme forms was found, suggesting that in these cells an alternative 

pathway bypasses this step of the citric acid cycle [35]. SUCL exists in the matrix in 
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association with a mitochondrial nucleoside diphosphate kinase known as NM23-H4 

(NDPK-D, EC 2.7.4.6), an enzyme capable of the interconversion of nucleoside 

triphosphates, thus GTP produced by G-SUCL is also able to contribute to the matrix 

ATP pool [36; 37]. 

Growing evidence confirms that the adequate operation of SUCL is necessary to 

prevent ANT reversal when mitochondrial respiration is inhibited. It is known that the 

citric acid cycle is operational in anoxia, with succinate as an end product [38]. Also, 

the fact that anaerobic mitochondrial metabolism can generate ATP via SLP and 

maintain mitochondrial energization this way has been substantiated extensively [38]. 

The α-ketoglutarate dehydrogenase complex (KGDHC) provides succinyl-CoA for 

SUCL, and this is considered to be the rate-limiting step among the sequential reactions 

[39]. Experiments performed on mitochondria isolated from mice heterozygote for 

different subunits of KGDHC showed that the enzyme complex is essential for the 

operation of SUCL, and that impaired function of KGDHC results in ANT reversal 

during respiratory failure. This was supported by measurements performed on in situ 

neuronal somal mitochondria as well [40]. The role of SUCL itself was investigated in 

[41], in which Sucla2+/–, Suclg2+/–, or Sucla2+/–/Suclg2+/– mice were generated and 

characterized extensively from a bioenergetic point of view. Mitochondrial respiration 

and electron transport chain (ETC) activities showed no alterations in the transgenic 

animals (except for a significant elevation of complex II activity in the double 

heterozygote samples). Decreased mtDNA content and alterations in the concentration 

of blood carnitine esters were found in Sucla2+/– and in Sucla2+/–/Suclg2+/– mice. 

Regarding mitochondrial SLP, no difference was observed in the heterozygote models 

compared to wild type (WT) littermates. This is either due to i) a rebound increase in 

Suclg2 expression and associated GTP-forming activity as it was found in Sucla2+/– and 

Sucla2+/–/Suclg2+/– mice; or ii) the small flux control coefficient of SUCL (compared to 

that of the KGDHC) which makes it possible that even a decreased enzyme activity is 

able to maintain sufficient ATP production for the ANT to work in forward mode. 

Nevertheless, submaximal pharmacological inhibition of SUCL in the heterozygote 

samples lead to an abolition of SLP. The importance of SUCL in preventing ANT 

reversal has been strengthened in fibroblasts from patients suffering from SUCLA2 

deficiency as well. These cells are unable to perform sufficient SLP, and start to import 
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cytosolic ATP when their respiratory chain is inhibited [41]. Another finding which 

confirms the significance of this reaction is that inorganic phosphate activates SUCL 

[42]. The Pi produced by a reverse working Fo-F1 ATP synthase in anoxia results in a 

greater activity of this rescue mechanism. 

Mindful of these findings, enhancing SUCL function by succinyl-CoA provision 

could be helpful in diseases mentioned in the previous chapter. The practical relevance 

of this notion is confirmed by publications where substrates supporting mitochondrial 

SLP improved the outcome of anoxic or ischaemic conditions (as summarized in [38]). 

In addition, recently methylene blue, a drug which shows beneficial effects in stroke 

and neurodegenerative  disease models, was found to enhance mitochondrial SLP [43].  

 

1.5. Metabolic pathways affecting mitochondrial substrate-level phosphorylation 

Regarding the role of SLP in preventing ANT reversal during respiratory arrest, it 

is worth considering the factors that could influence its operation. The succinyl-CoA – 

succinate interconversion mediated by SUCL is reversible, (∆G=0.07 kJ/mol) [44]. 

Therefore the availability of the substrates will largely determine the direction of the 

reaction, and any metabolic pathway influencing the concentration of the participants 

will predictably impact SLP.  

First of all, provision of succinyl-CoA is crucial for keeping the reaction in ATP-

producing direction [40]. A possible source of succinyl-CoA is the reaction mediated by 

KGDHC, which catalyzes the irreversible conversion of α-ketoglutarate, CoASH, and 

NAD+ to succinyl-CoA, NADH, and CO2 in the citric acid cycle. In experiments using 

isolated mitochondria, α-ketoglutarate and glutamate are the two substrates that support 

SLP to the greatest extent, especially when provided together with malate, which assists 

in their entry into mitochondria. It is obvious though, that for the operation of KGDHC 

oxidized NAD+ is needed, the availability of which is expected to be markedly 

decreased in anoxia or during complex I inhibition. Despite this, experiments showing 

that there is substantial SLP under these conditions indicate that sufficient NAD+ is 

generated for KGDHC [21; 40; 45]. The origin of this NAD+ in anoxia is assumed to be 

the mitochondrial diaphorases [45]. 

Other sources for succinyl-CoA can be the catabolism of certain biomolecules 

(methionine, threonine, isoleucine, valine, propionate, odd chain fatty acids and 
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cholesterol), the degradation of which converges to succinyl-CoA as an entry point into 

the citric acid cycle [46].  

By the same token, any metabolic pathway which consumes succinyl-CoA can 

hamper SLP. When SUCL proceeds in the direction towards succinyl-CoA formation, 

this can take part in δ-aminolevulinate generation, a step of heme synthesis [47]. Ketone 

body catabolism requires succinyl-CoA as a CoASH donor for acetoacetyl-CoA 

formation, with succinate staying behind, bypassing the reaction by SUCL this way 

[48]. These reactions possibly steal succinyl-CoA away from the high-energy phosphate 

producing step. 

In addition, succinate accumulation can shift the reaction mediated by SUCL into 

the ATP (GTP) hydrolyzing direction. Addition of succinate resulted in ANT reversal in 

isolated mitochondria when the electron transport chain was inhibited distal from 

complex II, reflecting an impairment of SLP [21]. It has been recently shown, that 

itaconate, an antimicrobial compound produced by macrophages upon 

lipopolysaccharide stimulation, abolishes mitochondrial SLP [49]. This was attributed 

to three different effects: i) itaconate is metabolized through thioesterification by SUCL, 

and this step requires ATP (or GTP); ii) the product of its metabolism, itaconyl-CoA 

traps CoASH from the KGDHC; iii) itaconate inhibits SDH, leading to a buildup of 

succinate. Another possible metabolic pathway which can lead to succinate 

accumulation in respiratory-inhibited mitochondria is the catabolism of the 

neurotransmitter γ-aminobutyrate (GABA) through the so-called GABA shunt [50; 51]. 

Inhibitory effect of GABA on SLP has been reported in a study [52], where incubation 

with GABA appreciably reduced ATP and GTP production in uncoupled rat brain 

mitochondria. However, the mechanism of inhibition was not established. γ-

Hydroxybutyrate (GHB), a neurotransmitter and a psychoactive drug is also converted 

to succinate during its degradation [53], and possibly exerts similar effects on SLP. 

The present thesis focuses on i) the effect of GABA and GHB metabolism on 

mitochondrial SLP; ii) the contribution of a diaphorase enzyme, NAD(P)H quinone 

oxidoreductase 1 (Nqo1) to SLP. Therefore, in the next chapters I will give a brief 

overview about mitochondrial diaphorases, GABA, the GABA shunt, and GHB. 
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1.6. γ-Aminobutyrate (GABA) 

4-Aminobutyrate, also known as 4-aminobutanoate, γ-aminobutyrate or more 

frequently, GABA, is most widely known as the predominant inhibitory 

neurotransmitter in the adult brain [54]. Since its discovery in the central nervous 

system [55-57], GABA has been increasingly recognized to participate in processes 

other than neurotransmission as it is present in many organs other than the brain, such 

as pancreas, testes, gastrointestinal tract, ovaries, placenta, uterus and adrenal medulla 

[58; 59]. Most notably though, very high concentrations of GABA have been found in 

the livers of all animal species reported, particularly humans [60]. 

GABA exerts an inhibitory effect on synaptic transmission by interacting with 

ionotropic receptors on the postsynaptic membrane, resulting in an increased chloride 

conductance, thus an inward chloride current and a consequent hyperpolarization [61]. 

These channels are termed GABAA receptors. Based on different pharmacological 

properties previously another GABA-sensitive anion channel type was distinguished, 

designated as GABAC receptors, but later these were classified rather as a subfamily of 

GABAA receptors and the use of the term GABAC receptor is not recommended any 

more [62]. GABA can cause hyperpolarization of neurons and a diminished 

neurotransmitter release by acting on metabotropic GABAB receptors as well [63]. 

However, in neonatal hippocampal neurons the electrochemical gradient of chloride is 

outward directed, therefore, opening the receptor channels is associated with 

depolarization; hence, at this developmental stage, GABA is an excitatory 

neurotransmitter [64]. It is also worth mentioning that in the brain GABA has been 

further branded as a gliotransmitter [65; 66]. However, the concept of GABA as 

gliotransmitter has been met with skepticism from those asserting that many of the 

phenomena attributed to release of transmitters by the glia can be explained by changes 

in the activity or expression of astrocytic membrane transporters, reviewed in [67]. 

GABA can be found in numerous tissues outside the central nervous system. 

Regarding the liver, it was hypothesized that this organ is responsible for clearing 

GABA from the systemic circulation. GABA is only catabolized but very little 

synthesized in the liver, and it originates from the intestinal flora [60] finding its way 

through the portal system; however, hepatic lobular GABA synthesis increases >300% 
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following partial hepatectomy [60]. Relevant to this, the high GABA concentration in 

liver has been implicated in the pathophysiology of hepatic encephalopathy [68].  

In pancreas, GABA acts as an intra-islet transmitter regulating hormone release. 

In α-cells, GABA induces membrane hyperpolarization and suppresses glucagon 

secretion, whereas in islet β-cells it induces membrane depolarization and increases 

insulin secretion [69]. This difference in the effect of GABA on membrane polarization 

is due to the different expression of cation-Cl−-cotransporters in islet α and β-cells [70], 

which leads to an opposite electrochemical driving force of chloride ion in the two cell 

types. In the gastrointestinal tract, GABA is involved in the regulation of gut motility 

[71], in the adrenal medulla it is thought to play a role in modulating the release of 

catecholamines [72], and it may have an important role in reproductive function [73; 74] 

Furthermore, GABA is released by immune cells and has a number of 

immunomodulatory effect [75], acts as a developmental signal during brain 

organogenesis [76], and even inhibits mitophagy and pexophagy in mammalian cells of 

various tissues, in an mTOR-sensitive manner [77]. Finally, GABA's realm has been 

recently recognized to extent to plantae, playing a vital role as a plant-signaling 

molecule [78]. 

Altered GABA concentration and signaling plays a role in a number of 

pathological conditions such as  epilepsy, Parkinson’s and Alzheimer’s disease, 

depression, anxiety, schizophrenia and panic disorders [79; 80]. It is not surprising 

therefore, that the GABAergic system is a center of interest as a pharmacological target 

[80].  

 

1.7. The GABA shunt 

Despite that the participation of GABA in diverse biological processes implies 

different downstream effectors responsive to this molecule, its metabolism is rather 

uniform among all tissues: GABA is metabolized through the ‘GABA shunt’ 

(represented in Fig. 2), a pathway representing an alternative route for converting α-

ketoglutarate to succinate in the citric acid cycle circumventing succinate-CoA ligase 

[50; 51]. Enzymes of the GABA shunt are expressed not only in the brain but also in a 

variety of nonneural tissues [81; 82].  
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Figure 2. The GABA shunt (outlined by arrows in gold color) and pertinent 
reactions. SUCL: succinate
complex; GLUD: glutamate dehydrogenase; GAD: glutamate decarboxylase; GABA: 
aminobutyrate; GABA-T: γ
aspartate aminotransferase; SSAR: s
hydroxybutyrate; SSA: succinic semialdehyde; SSADH: succinic semialdehyde 
dehydrogenase; HOT: hydroxyacid
hydroxyglutarate dehydrogenase; ETF: electron
electron-transferring flavoprotein dehydrogenase
glutamate transporters; *b: putative mitochondrial GABA transporter; *c: putative 
mitochondrial SSA transporter; *d: putative mitochondrial GHB transporter; *e: 
inhibitors for GABA-T used in this study: vigabatrin and 
this study: AOAA.  
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decarboxylase (GAD), encoded by either 

different molecular weights (65 and 67 kDa) and

GAD65 found primarily in axon terminals and GAD67 more widely distributed in 

neurons [83]. Since GAD is a cytosolic enzyme, glutamate needs to be exported from 

mitochondria; this may occur through well
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GAD65 found primarily in axon terminals and GAD67 more widely distributed in 

. Since GAD is a cytosolic enzyme, glutamate needs to be exported from 

characterized transporters (depicted as a 

transparent box *a), as an electroneutral transport driven by ∆pH [84; 85]. 
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GABA may also arise by metabolism of putrescine [86] or homocarnosine [87] (not 

shown), or enter the cytoplasm from the extracellular space. In any case, in order for 

GABA to undergo further transamination it must first enter the mitochondrial matrix. 

The transport of GABA across the inner mitochondrial membrane (depicted by a blue 

semi-transparent box *b) has been proposed to occur by  “diffusion of a species with no 

net charge, at rates which are able to maintain maximum activity of the GABA shunt” 

[88]. However, in plants, a mitochondrial GABA permease has been recently identified, 

termed AtGABP [89]. No such protein has been identified in animals, but a BLASTp 

homology search yielded a highly homologous (94%) predicted protein termed ‘amino 

acid permease BAT1 (partial)’ with a sequence ID: XP_019577258.1 expressed in 

Rhinolophus sinicus (Chinese rufous horseshoe bat), as well as some other proteins 

from other species but with low homology (below 35%). In mice and humans there is 

23–31% homology of AtGABP to an ‘epithelial-stromal interaction protein 1’, and no 

homologous proteins were identified in tissues from rats and guinea pigs. Thus, 

although several isoforms of plasmalemmal GABA transporters have been identified 

[90], their reversibility documented [91-94], and GABA is known to permeate murine 

mitochondria [88] and become intramitochondrially metabolized [95], the means of 

GABA entry to mitochondria remains speculative.  

Once in the matrix, GABA transaminates with α-ketoglutarate to form glutamate 

and succinic semialdehyde (SSA) by the mitochondrial GABA transaminase (GABA-

T). Succinic semialdehyde will get dehydrogenated by succinic semialdehyde 

dehydrogenase (SSADH) yielding succinate and NADH, and thus enter the citric acid 

cycle. SSADH is also the enzyme responsible for further metabolism of aldehyde 4-

hydroxy-2-nonenal, an intermediate known to induce oxidant stress [96]. Glutamate and 

α-ketoglutarate are in equilibrium with oxaloacetate and aspartate through a 

mitochondrial aspartate aminotransferase (GOT2). GABA-T is inhibited by vigabatrin 

and aminooxyacetic acid (AOAA) [88; 97]. The latter compound is also known to 

inhibit GOT2 as well as other pyridoxal phosphate-dependent enzymes [98; 99].  

Regarding SSA, there are three possible scenarios for its appearance in the matrix: 

i) from the cytosol, transported through the inner mitochondrial membrane by a protein 

(depicted by a green semi-transparent box *c) that is yet to be characterized [100]; ii) by 

the action of hydroxyacid-oxoacid transhydrogenase (HOT), encoded by ADHFE1, 
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transhydrogenating γ-hydroxybutyrate (GHB) and α-ketoglutarate to D-2-

hydroxyglutarate and SSA; or iii) by succinic semialdehyde reductase (SSAR, encoded 

by AKR7A2), converting GHB to SSA in the cytosol [101-104] and the latter getting 

transported into the matrix; however, the equilibrium of the SSAR reaction is strongly 

favored towards GHB formation. 

The first evidence regarding the existence of HOT came from experiments 

investigating GHB catabolism in rat brain and kidney samples [105]. The enzyme was 

isolated and further characterized from rat tissues [106] and later on, its gene was 

identified [107]. The existence of human HOT has been demonstrated in homogenates 

of human liver and fibroblasts as well [108; 109]. HOT is not the only enzyme 

interconverting D-2-hydroxyglutarate and α-ketoglutarate; D-2-hydroxyglutarate 

dehydrogenase (D2HGDH) localized in mitochondria [110; 111] also performs such an 

interconversion, but this is coupled to the ETF system, eventually donating electrons to 

complex III through ubiquinone. D-2-Hydroxyglutarate is formed as a degradation 

product of L-hydroxylysine [112] and possibly also from δ-aminolevulinate [113]. 

Interestingly, isocitrate dehydrogenase (IDH) 1 and 2 mutations confer a novel 

enzymatic activity that facilitates reduction of α-ketoglutarate to D-2-hydroxyglutarate 

impeding oxidative decarboxylation of isocitrate [114; 115]. The accumulation of D-2-

hydroxyglutarate due to IDH mutations has been implicated in tumorigenesis [116]; 

however, accumulation of D-2-hydroxyglutarate in glutaric acidurias is associated with 

encephalopathy and cardiomyopathy, but not tumors [117]. This metabolite is known to 

permeate the cell membrane through a sodium-dicarboxylate cotransporter (NaDC3) 

and an organic anion transporter (OAT1) [118] but a mitochondrial transport 

mechanism is yet to be described.  

The reaction catalyzed by HOT is reversible, therefore SSA produced by GABA-

T  in mitochondria could be converted to succinate or GHB as well, but the predominant 

pathway of SSA metabolism is probably oxidation by SSADH because of the 

significant lower Km of the enzyme for SSA, compared to HOT [81]. The rate limiting 

step of GABA catabolism is the reaction catalyzed by GABA-T, therefore SSA coming 

from GABA is rapidly oxidized by SSADH and its concentration is kept low [119; 120]. 

In SSADH deficiency though – a rare disease with nonprogressive encephalopathy, 
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hypotonia and delay in mental and motor development –, SSA accumulates, leading to 

elevated GABA and GHB levels [100]. 

 

1.8. γ-Hydroxybutyrate (GHB) 

GHB is a neurotransmitter and neuromodulator in the human brain, but is also 

synthesized outside the central nervous system [121], however, its physiological role is 

not completely understood. As a therapeutical agent, GHB was originally developed for 

an anesthetic [122], today it is a drug for the treatment of narcolepsy with cataplexy and 

alcohol withdrawal [123; 124]. In the industry it is used in the production of polymers. 

It is also used illegally as a recreational drug and a drug of abuse [125], and FDA placed 

it in Schedule I of the Controlled Substances Act, since 2000 [126]. 

The molecule acts with high affinity on GHB receptors [127], which probably 

belong to the G-protein family [128]. In higher concentrations, it binds to GABAB 

receptors as well, causing hyperpolarization [129; 130], and the majority of the reported 

pharmacological and behavioral effects of exogenous GHB are mediated via 

GABAB receptors [131]. GHB was shown to modulate neurotransmitter release [132; 

133], alter the release of opioids [134], increase growth hormone and prolactin secretion 

[135], reduce blood cholesterol levels [122] and to induce slow-wave sleep [136].  

The major precursor for the synthesis of GHB in neurons is GABA: it is converted 

to SSA by GABA-T, subsequently, SSA can be oxidized to succinate and enter the 

citric acid cycle, or it can be reduced to GHB by cytosolic SSAR. Nonetheless, studies 

have shown that only 0.05-0.16% of the metabolic flux coming from GABA takes the 

reductive pathway. Alternative routes for GHB synthesis are hydrolysis of γ-

butyrolactone or reduction of 1,4-butanediol [53], these are administered illegally as 

GHB precursors.  

GHB permeates the plasma membrane through monocarboxylate transporters 

(MCTs) [137; 138] Although it is still controversial whether mitochondrial and plasma 

membranes share at least some MCT isoforms [139; 140] – though MCT2 and MCT4 

were recently reported to localize in mitochondria in addition to the plasma membrane 

[141] – it is very likely that GHB crosses the inner mitochondrial membrane through 

one or more mitochondrial MCT (purple semi-transparent box *d). 
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GHB is predominantly degraded through the conversion to SSA by a cytosolic 

NADP-dependent aldehyde reductase encoded by AKR1A1 [142]. Alternatively, in 

peripheral tissues GHB can be converted to SSA by HOT after being transported into 

mitochondria [105]. The reduction is followed by metabolism to GABA by GABA-T or 

conversion to succinate by SSADH, the latter providing energy through oxidation in the 

citric acid cycle [53].  

 

1.9. Diaphorases  

Diaphorases are flavoenzymes catalyzing the oxidation of reduced pyridine 

nucleotides by endogenous or artificial electron acceptors. The first diaphorase enzyme 

was purified in 1939 [143]), and was shown later to be identical to the DLD subunit of 

KGDHC [144]. Since then, several other mammalian proteins were found to exhibit 

diaphorase activity. NAD+ originating from diaphorases can be utilized by KGDHC to 

form succinyl-CoA, which is in turn converted to succinate by succinate-CoA ligase 

yielding ATP or GTP depending on the subunit composition of the enzyme. As recently 

shown in our laboratory, under respiratory chain inhibition when NADH cannot be 

oxidized by complex I, NAD+ supply by mitochondrial diaphorases is sufficient to 

maintain mitochondrial SLP [45]. In isolated mouse liver mitochondria supported by 

glutamate and malate, up to 81% of the NAD+ pool could be regenerated by 

intramitochondrial diaphorases. Applying different diaphorase inhibitors – dicoumarol, 

chrysin, dihydroxyflavone and phenindione – lead to the abolition of SLP under these 

conditions, pointing out the indispensable role of diaphorases for the adequate operation 

of KGHDC. In the reaction catalyzed by diaphorases, the electrons of NADH have to be 

passed on to a suitable electron acceptor. The effect of 14 quinone compounds as 

possible diaphorase substrates was tested, from which three – menadione (MND), 

mitoquinone (mitoQ) and duroquinone (DQ) – were shown to boost mitochondrial SLP 

when complex I was inhibited by rotenone. In anoxia, when the operation of the entire 

respiratory chain is hindered, only duroquinone was effective in improving SLP. From 

these experiments it was concluded that in freshly isolated, rotenone-treated 

mitochondria respiring on glutamate and malate, provision of exogenous quinones for 

NADH oxidation by diaphorases is not critical due to the presence of sufficient amounts 

of endogenous quinones. However, mitochondrial diaphorases are not saturated by 
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endogenous quinones, and the addition of exogenous reducible diaphorase substrates 

can boost SLP by providing NAD+ for KGDHC. A scheme for the pathway of electrons 

during respiratory arrest was proposed: diaphorases transfer electrons from NADH to 

suitable quinones, from where electrons are taken over by complex III, which is then 

oxidized by cytochrome c [45]. 

 

1.10. NAD(P)H quinone oxidoreductase 1 (NQO1) 

The identity of the diaphorase enzymes participating in NAD+ regeneration for 

SLP is not known. NAD(P)H quinone oxidoreductase 1 (NQO1, EC 1.6.99.2.), a 

ubiquitously expressed flavoprotein was proposed as a potential candidate [45]. The 

enzyme was identified by Lars Ernster and colleagues and was originally named ‘DT-

diaphorase’ because of its ability to react with DPNH (reduced diphosphopyridine 

nucleotide, i.e. NADH) and TPNH (reduced triphosphopyridine nucleotide, i.e. 

NADPH) as well [145-147]. Although NQO1 is mostly considered a cytosolic enzyme, 

it – as well as DT-diaphorase activity with signatures similar to those of NQO1 – has 

been shown to localize also in the mitochondrial matrix [148-157] (except in [158]). All 

reports showed that mitochondrial diaphorase activity accounted for <15% of the total. 

The reaction catalyzed by NQO1 is irreversible [152] and follows a ping-pong 

mechanism [159]. As electron acceptor, the enzyme can use a variety of quinones, from 

which naphtho- and benzoquinones without a long side-chain are the most active [149; 

152].  

Regarding its physiological role, the enzyme was found to exhibit vitamin K 

reductase activity [152], thereby it was suggested to play a role in the vitamin K cycle, 

but the in vivo significance of this has been questioned lately [160-162]. In a detailed 

study examining the in vivo role of Nqo1 it was demonstrated that Nqo1–/– mice exhibit 

lower levels of abdominal adipose tissue, and altered carbohydrate, lipid and nucleotide 

metabolism, due to an altered intracellular NAD(P)H/NAD(P) ratio [163].  

NQO1 was also shown to be involved in carcinogenesis through multiple 

processes, but with opposing outcomes: the enzyme can protect against cancer 

development by: i) catalyzing a two-electron reduction of quinones and this way 

avoiding the production of highly reactive semiquinone intermediates [164] ii) 

preventing oxidative stress through superoxide scavenging [165; 166] and maintaining 
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endogenous antioxidants [167; 168] iii) inhibiting proteasomal degradation of p53 and 

p33ING1b [169; 170], proteins that are critical for tumor repression. Relevant to this, 

disruption of the Nqo1 gene in mice leads to increased susceptibility to menadione- and 

benzene-induced toxicity [171; 172], to increased risk of skin cancer induced by 

polycyclic aromatic hydrocarbons [173; 174], and to hyperplasia of bone marrow [175]. 

A polymorphism of the human NQO1 gene encodes a protein which has negligible 

enzyme activity. Individuals who are homozygous for the variant allele have greater risk 

for benzene-induced bone marrow toxicity and the resulting hematological malignancies 

[176], and the polymorphism has been associated with several types of cancer [177]. 

Even though these facts indicate that cancer development is associated with lower or 

absent NQO1 activity, a variety of solid tumors are known to overexpress the enzyme 

[177; 178], probably due to its ability to reduce oxidative stress. The contribution of 

NQO1 to carcinogenesis is supported by that NQO1 expression is induced by Nrf2 

[179], a transcription factor that is being increasingly recognized to favor survival of 

malignant cells [180; 181]. Also, NQO1 may induce tumor formation through the 

bioactivation of environmental procarcinogens [182]. 
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2. OBJECTIVES 

The catabolism of GABA and GHB leads to SSA, an intermediate of the GABA 

shunt, which is finally converted to succinate, an entry point of the citric acid cycle. 

Therefore it is assumable that in anoxia – when SDH is inhibited –, to a certain extent, 

succinate will accumulate in mitochondria. An elevation of succinate concentration 

shifts the reaction mediated by SUCL into succinyl-CoA producing direction, 

abolishing ATP (GTP) production this way. Mindful of the importance of SLP in 

preserving high energy phosphate levels in the matrix of respiration-impaired 

mitochondria [21; 23; 31; 40], it is hypothesized in the present thesis that the 

metabolism of GABA through the GABA shunt results in an inhibition of mitochondrial 

SLP and causes reverse operation of ANT in anoxia. The same conception is postulated 

for the metabolism of SSA and GHB. Therefore, the first aim of the present work is 

to test the effects of exogenous GABA, SSA and GHB addition on bioenergetic 

parameters and SLP of isolated mouse brain and liver mitochondria . 

The second major issue of my thesis is to get closer to the identity of the 

diaphorase(s) which provide NAD+ for the KGHDC when the respiratory chain is 

inhibited, as this is critical for the uninterrupted operation of SLP and the prevention of 

ANT reversal. Because of its ubiquitous expression in numerous tissues, its localization 

in mitochondria, and its ability to reduce a great variety of quinone substrates, Nqo1 is a 

possible candidate for performing this. The second aim of my thesis is to address the 

contribution of Nqo1 to NAD+ provision and SLP under conditions of impaired 

mitochondrial respiration , by investigating bioenergetic parameters and ANT reversal 

in samples from wild type and Nqo1–/– mice. 

Finally, in the previous work of our laboratory the effect of diaphorase substrates 

on SLP was tested [45], from which menadione, mitoquinone and duroquinone had a 

beneficial impact on ATP generation via SUCL. Thus, the question was raised whether 

these compounds exert their effect through being reduced by Nqo1. Two additional 

quinones, idebenone (IDB) and 2-methoxy-1,4-naphtoquinone (MNQ) are known to 

transfer electrons from cytosolic NADH to the mitochondrial respiratory chain, 

bypassing complex I [183; 184]. For idebenone this effect was proposed to be mediated 

by cytosolic NQO1 – in the reaction idebenol is generated, which is able to donate 

electrons to the respiratory chain at the level of complex III [185]. Hence it is 
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reasonable to hypothesize that these two substrates could assist in maintaining the 

mitochondrial NAD+ pool as well and consequently SLP when NADH oxidation 

through complex I is limited. My third aim in this thesis to examine the effect of the 

aforementioned five substrates on mitochondrial SLP and to scrutinize whether 

this effect is Nqo1-dependent or not. 
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3. METHODS 

3.1. Animals 

Mice were of mixed 129Sv and C57Bl/6 background. Nqo1–/– mice were a kind 

gift of Dr. Frank J. Gonzalez.  The animals used in our study were of either sex and 

between 2 and 6 months of age. Mice were housed in a room maintained at 20-22 °C on 

a 12-h light-dark cycle with food and water available ad libitum. All experiments were 

approved by the Animal Care and Use Committee of the Semmelweis University and 

the EU Directive 2010/63/EU for animal experiments. 

 

3.2. Isolation of mitochondria 

Isolation of mitochondria from mouse liver and brain: liver mitochondria from all 

animals were isolated as described in [186], with minor modifications. Mice were killed 

by cervical dislocation. The liver was removed and immediately placed in ice-cold 

isolation buffer containing 225 mM mannitol, 75 mM sucrose, 5 mM HEPES (free 

acid), 1 mM EGTA and 1 mg/ml bovine serum albumin (fatty acid-free), with the pH 

adjusted to 7.4 with Trizma® (Sigma-Aldrich, St. Louis, MO, USA). The organs were 

chopped, washed, homogenized and the homogenate was centrifuged at 1,250 g for 10 

min. The upper fatty layer of the centrifuged homogenate was aspirated and the pellet 

was discarded. The supernatant was transferred into clean centrifuge tubes and 

centrifuged at 10,000 g for 10 min. After this step the supernatant was discarded and the 

pellet was resuspended in isolation buffer and centrifuged again in clean tubes at 10,000 

g for 10 min. At the end of the third centrifugation the pellet was resuspended in 0.2 ml 

of a buffer with the same composition as described above but containing only 0.1 mM 

EGTA. 

Non-synaptic mouse brain mitochondria were isolated on a Percoll gradient as 

described previously [187; 188], with minor modifications. After cervical dislocation 

brains were removed, chopped and homogenized in ice-cold isolation buffer. For the 

preparation of brain mitochondria the same isolation buffer was used as for liver 

mitochondria but without BSA. The homogenate was centrifuged at 1,250 g for 10 min; 

the pellet was discarded, and the supernatant was centrifuged at 10,000 g for 10 min. 

The pellet was resuspended in 15% Percoll (Sigma) and layered on a preformed Percoll 

gradient (40 and 23%). The tubes were centrifuged at 40,000 g for 6 min, and non-
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synaptic brain mitochondria were collected from the interface between the 23% and 

40% Percoll layers. After the dilution of mitochondria with isolation buffer they were 

centrifuged at 25,000 g for 10 min; the pellet was resuspended in isolation buffer and 

centrifuged again at 10,000 g for 10 min. Finally, the pellet was resuspended in 0.1 ml 

of the same medium as for the last step in the isolation of liver mitochondria. 

Protein concentration was determined using the bicinchoninic acid assay, and 

calibrated using bovine serum standards using a Tecan Infinite® 200 PRO series plate 

reader (Tecan Deutschland GmbH, Crailsheim, Germany). Yields were typically 0.2 ml 

of ~20 mg/ml per two brains; for liver yields were typically 0.7 ml of ~70 mg/ml per 

two livers. 

 

3.3. Determination of membrane potential (∆Ψm) in isolated brain and liver 

mitochondria 

∆Ψm of isolated mitochondria (0.25-1 mg – depending on the tissue of origin and 

machine used – per two ml of medium containing, in mM: KCl 8, K-gluconate 110, 

NaCl 10, Hepes 10, KH2PO4 10, EGTA 0.005, mannitol 10, MgCl2 1, substrates as 

indicated in the figure legends, 0.5 mg/ml bovine serum albumin [fatty acid-free], pH 

7.25, and 5 µM safranine O) was estimated fluorimetrically with the cationic dye 

safranine O due to its accumulation inside energized mitochondria [189]. Traces 

obtained from mitochondria were calibrated to millivolts as described in [21], by 

constructing a voltage-fluorescence calibration curve. Fluorescence was recorded in a 

Hitachi F-7000 spectrofluorimeter (Hitachi High Technologies, Maidenhead, UK) at a 

5-Hz acquisition rate, using 495- and 585-nm excitation and emission wavelengths, 

respectively, or at a 1-Hz rate using the O2k- Fluorescence LED2-Module of the 

Oxygraph-2k (Oroboros Instruments, Innsbruck, Austria) equipped with a LED 

exhibiting a wavelength maximum of 465 ± 25 nm (current for light intensity adjusted 

to 2 mA, i.e., level ‘4’) and an <505 nm shortpass excitation filter (dye-based, filter set 

“Safranin”). Emitted light was detected by a photodiode (range of sensitivity: 350-700 

nm), through an >560 nm longpass emission filter (dye-based). Experiments were 

performed at 37 °C. Safranine O is known to exert adverse effects on mitochondria if 

used at sufficiently high concentrations (i.e. above 5 µM, discussed in [45]). However, 

for optimal conversion of the fluorescence signal to ∆Ψm, a concentration of 5 µM 
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safranine O is required, even if it leads to diminishment of the respiratory control ratio 

(RCR) by approximately one unit (not shown). Furthermore, the non-specific binding 

component of safranine O to mitochondria (dictated by the mitochondria/safranine O 

ratio) was within 10% of the total safranine O fluorescence signal, estimated by the 

increase in fluorescence caused by the addition of a detergent to completely depolarized 

mitochondria (not shown). As such, it was accounted for, during the calibration of the 

fluorescence signal to ∆Ψm. 

 

3.4. Mitochondrial respiration 

Oxygen consumption was estimated polarographically using an Oxygraph-2k 

(Oroboros Instruments, Innsbruck, Austria). 0.5-1 mg – depending on the tissue of 

origin – mitochondria was suspended in 2 ml incubation medium, the composition of 

which was identical to that as for ∆Ψm determination. Substrate combinations were used 

as indicated in the figure legends. Experiments were performed at 37 °C. Oxygen 

concentration and oxygen flux (pmol٠s−1
٠mg−1; negative time derivative of oxygen 

concentration, divided by mitochondrial mass per volume and corrected for instrumental 

background oxygen flux arising from oxygen consumption of the oxygen sensor and 

back-diffusion into the chamber) were recorded using DatLab software (Oroboros 

Instruments). 

 

3.5. Determination of NADH autofluorescence in permeabilized or intact 

mitochondria 

NADH autofluorescence was measured using 340 and 435 nm excitation and 

emission wavelengths. Measurements were performed in a Hitachi F-7000 fluorescence 

spectrophotometer at a 5 Hz acquisition rate. 0.5 mg of mouse liver or 0.25 mg of brain 

mitochondria were suspended in 2 ml incubation medium, the composition of which 

was identical to that as for ∆Ψm determination. Mitochondria were permeabilized by 20 

µg alamethicin. For measurement of the NADH oxidation rate (chapter 4.2.2.), the 

medium also contained NADH, MNQ or duroquinone, and rotenone as indicated in the 

respective figure legend. Experiments were performed at 37 °C. NADH 

autofluorescence was calibrated by adding known amounts of NADH to the suspension.  
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3.6. Determination of diaphorase activity 

NADH and NADPH, dicoumarol-sensitive diaphorase activity was measured by 

two different methods, one relying on 2,6-dichlorophenol-indophenol (DCPIP) 

reduction [190] with the modifications detailed in [191], and the other on cytochrome c 

reduction [192]. Activities were determined by either method from the cytosolic and 

mitochondrial fractions from WT and Nqo1–/– mouse livers. Cytosolic fractions were 

obtained by ultracentrifugation of the liver homogenate as detailed in [163].  

For the first method the assay system contained 25 mM TRIS/HCl (pH=7.4), 0.18 

mg/ml BSA, 5 µM FAD, 0.01% Tween 20, 40 µM DCPIP, 200 µM NADH or NADPH 

and 20 µg mitochondrial or 100 µg cytosolic protein. Reduction of DCPIP was followed 

at 600 nm (e=21 mM-1 * cm-1). For the second method, the reaction mixture contained 

50 mM TRIS/HCl buffer (pH=7.5), 330 µM NaCN, 200 µM NADH, 20 µg 

mitochondrial or 100 µg cytosolic protein, 10 µM of the respective quinone (MNQ, 

menadione or duroquinone) as primary electron acceptor, and 80 µM cytochrome c in 

order to reoxidize the quinol formed. Reduction of cytochrome c was monitored at 550 

nm (e=18.5 mM-1 * cm-1). Measurements on mitochondrial fractions were performed 

in the presence of 2 µM rotenone in both methods. All experiments were repeated in the 

presence of 10 µM dicoumarol. Both assays were performed at 30 °C.  

 

3.7. Cell culturing 

HepG2 cells were cultured in Dulbecco’s modified Eagle’s medium (DMEM) 

containing 10% fetal bovine serum and antibiotic solution (containing penicillin and 

streptomycin) at 37 °C in 5% CO2. 300-350,000 cells were plated in 75 cm2 culture 

flasks.  

 

3.8. Mitochondrial membrane potential determination of in situ mitochondria of 

permeabilized HepG2 cells 

Mitochondrial membrane potential was estimated using fluorescence quenching of 

safranine O [189]. Cells were harvested by scraping, permeabilized as detailed 

previously [26] and suspended in a medium identical to that as for ∆Ψm measurements 

in isolated mitochondria. Substrates were 5 mM glutamate, 5 mM α-ketoglutarate and 5 

mM malate. Fluorescence was recorded in a Tecan Infinite® 200 PRO series plate 
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reader using 495 and 585 nm excitation and emission wavelengths, respectively. 

Experiments were performed at 37 °C. 

 

3.9. siRNA and transfection of cells 

The On-TARGETplus SMARTpool containing 4 different siRNA sequences, all 

specific to human NQO1 and the corresponding non-targeting control (scrambled 

siRNA), were designed and synthesized by Thermo Scientific Dharmacon. HepG2 cells 

were transfected with 100 nM of either siRNA or scrambled siRNA using lipofectamine 

2000 (Invitrogen, Carlsbad, CA, USA) according to the manufacturer’s instructions. 

Cells were probed for mitochondrial SLP after 56 hours, and immediately afterwards 

harvested for Western blotting.  

 

3.10. Western blotting 

 Cells were solubilized in RIPA buffer containing a cocktail of protease inhibitors 

(Protease Inhibitor Cocktail Set I, Merck Millipore, Billerica, MA, USA) and frozen at 

−80°C for further analysis. Frozen pellets were thawed on ice, and their protein 

concentration was determined using the bicinchoninic acid assay as detailed above, 

loaded at a concentration of 20 µg per well on the gels and separated by sodium dodecyl 

sulfate–polyacrylamide gel electrophoresis (SDS–PAGE). Separated proteins were 

transferred onto a methanol-activated polyvinylidene difluoride membrane. 

Immunoblotting was performed as recommended by the manufacturers of the 

antibodies. Rabbit polyclonal anti-NQO1 (Abcam) and mouse monoclonal anti-β-actin 

(Abcam) primary antibodies were used at titers of 1:1,000 and 1:5,000, respectively. 

Immunoreactivity was detected using the appropriate peroxidase-linked secondary 

antibody (1:5000, donkey anti-rabbit or donkey anti-mouse Jackson Immunochemicals 

Europe Ltd, Cambridgeshire, UK) and enhanced chemiluminescence detection reagent 

(ECL system; Amersham Biosciences GE Healthcare Europe GmbH, Vienna, Austria). 

 

3.11. Statistics  

Data are presented as averages ± SEM. Significant differences between two 

groups were evaluated by Student’s t-test; significant differences between three or more 

groups were evaluated by one-way analysis of variance followed by Tukey’s post-hoc 
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analysis. p<0.05 was considered statistically significant. If normality test failed, 

ANOVA on Ranks was performed. * implies p<0.05. ** implies p<0.001. Wherever 

single graphs are presented, they are representative of at least 3 independent 

experiments. 

 

3.12. Reagents 

Standard laboratory chemicals, GABA, aminooxyacetic acid, vigabatrin, 

stigmatellin, 4-hydroxybenzaldehyde, disulfiram, 2-methoxy-1,4-naphtoquinone (cat no 

#189162) and safranine O were from Sigma. Carboxyatractyloside (cATR) was from 

Merck (Merck KGaA, Darmstadt, Germany). SF 6847 and atpenin A5 were from Enzo 

Life Sciences (ELS AG, Lausen, Switzerland). Succinic semialdehyde was from Santa 

Cruz Biotechnology Inc, (Dallas, TX, 75 220, U.S.A). γ-Hydroxybutyrate was 

manufactured by Lipomed AG (Arlesheim, Switzerland), and imported by permission 

(093012/ 2016/KAB) from the National Healthcare Service Center, Narcotics Division 

(http://www.enkk.hu). Mitochondrial substrate stock solutions were dissolved in bi-

distilled water and titrated to pH 7.0 with KOH. ADP was purchased as K+ salt of the 

highest purity available (Merck) and titrated to pH 6.9. 
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4. RESULTS 

4.1. Catabolism of GABA, succinic semialdehyde or γ-hydroxybutyrate through 

the GABA shunt impairs mitochondrial substrate-level phosphorylation 

Succinate, ensuing from catabolism of GABA through the GABA shunt might be 

of sufficient flux to force the reaction of succinate-CoA ligase toward ATP (or GTP) 

hydrolysis. In this chapter the hypothesis is tested that exogenous addition of GABA or 

its immediate catabolite, succinic semialdehyde, or GHB which is a precursor of SSA, 

abolish mitochondrial SLP. To address this, first it was verified that GABA, SSA and 

GHB energize mouse liver and brain mitochondria in aerobic conditions. Then SLP was 

investigated by interrogating the directionality of the ANT during anoxia using a 

biosensor test devised by us. 

 

4.1.1. GABA as a bioenergetic substrate 

The use of GABA and SSA as bioenergetic substrates has been addressed in a 

limited type of tissues, almost exclusively rat brain mitochondria [193-196]. From these 

studies it was inferred that the “free” mitochondria (a mixture from neuronal and 

astrocytic origin) exhibit a higher rate of GABA metabolism than synaptic mitochondria 

[193]. This is in agreement with later studies showing that GABA is mostly metabolized 

in astrocytes, not neurons [197], reviewed in [198]. In order to verify that in our hands 

and for the type of mitochondria that we prepared (Percoll-purified mouse brain and 

crude liver), GABA and SSA can be metabolized, we investigated the effect of 

exogenously adding these compounds on mitochondrial membrane potential and 

compared it to that obtained from ‘classical’ substrates.  

As shown in Fig. 3A for brain and 3B for liver, mitochondria (mito) were added 

in the suspension without exogenously added substrates, and safranine O fluorescence 

was recorded. Safranine O is a positively charged dye, the distribution of which 

between mitochondria and the external medium is dependent on ∆Ψm, therefore a 

decrease in the fluorescence signal reflects ∆Ψm generation [189]. Brain mitochondria 

do not exhibit a significant pool of endogenous substrates, thus, they develop only a 

minor ∆Ψm. On the other hand, liver mitochondria contain endogenous substrates to a 

higher extent and this is reflected by a more significant polarization, which however, 

gradually subsides as these endogenous substrates are consumed.  
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Figure 3. The effect of GABA on the membrane potential of isolated brain (A, C, 
D, E) and liver (B, F) mitochondria. Reconstructed time-courses of safranine O 
fluorescence (arbitrary fluorescence) indicating ∆Ψm. Mitochondria (mito) were added 
where indicated; 0.25 mg for brain, 0.5 mg for liver. GABA (1 mM), glutamate (glu, 5 
mM), malate (mal, 5 mM), succinate (succ, 5 mM), ADP (2 mM), rotenone (rot, 1 µM), 
SF6847 (SF, 1 µM) was added where indicated. In the experiments depicted by the blue 
traces in panels E and F vigabatrin (VGBT, 0.3 mM) was present in the medium prior to 
addition of mitochondria. In the experiment depicted by the green trace in panel F 
aminooxyacetic acid (AOAA, 0.1 mM) was present in the medium prior to addition of 
mitochondria. Panels to the right share the same y-axis with panels to the left. Each 
trace is representative of at least four independent experiments. 
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Addition of GABA to both types of mitochondria leads to further polarization, 

which is quantitatively higher in liver. Further addition of glutamate (5 mM) and malate 

(5 mM) leads to an even further polarization, implying that addition of GABA did not 

lead to achievement of maximum ∆Ψm. Subsequent addition of ADP, rotenone and an 

uncoupler, SF6847 yielded the expected rise in safranine O fluorescence, implying 

anticipated responses in decreasing ∆Ψm.  

By adding GABA after the sequential addition of glutamate and malate (panel 3C) 

or succinate (panel 3D) to isolated brain mitochondria, no further polarization was 

recorded implying that the electron transport chain generating ∆Ψm has been saturated 

with reducing equivalents, NADH (through complex I) and/or FADH2 (through SDH). 

Similar traces were obtained from liver mitochondria (not shown).  

Next, we questioned if the GABA-induced polarization is genuinely due to the 

GABA shunt, eventually entering the citric acid cycle as succinate (see Fig. 2). To 

check this we used vigabatrin, a specific inhibitor of GABA-T. Vigabatrin (VGBT, 0.3 

mM), abolished the GABA-induced ∆Ψm generation in both brain (panel 3E, blue trace) 

and liver (panel 3F, blue trace) mitochondria. Likewise, by adding the alternative 

GABA-T inhibitor, aminooxyacetic acid (AOAA, 0.1 mM, panel 3F, green trace), 

GABA-induced ∆Ψm generation was prevented.  

 

4.1.2. Succinic semialdehyde as a bioenergetic substrate 

To address the possibility that the GABA-induced polarization does not stem from 

supporting α-ketoglutarate to glutamate conversion by GABA-T, in turn leading to 

NAD(P)H formation from glutamate to α-ketoglutarate conversion by glutamate 

dehydrogenase (GLUD, see Fig. 2), we tested the effect of SSA on the membrane 

potential of isolated mitochondria. The results of these experiments are shown in Fig. 4. 

As shown in panel 4A for brain, and panel 4B for liver mitochondria, addition of SSA 

(1 mM) in the absence of exogenously added substrates lead to generation of ∆Ψm. 

Because the subsequent addition of glutamate and malate did not lead to any further 

polarization, we concluded that SSA conferred the maximum ∆Ψm achievable. Thus, 

GABA generates ∆Ψm by transamination to SSA, which is subsequently 

dehydrogenated by SSADH, entering the citric acid cycle as succinate. As expected, the 

SSA-mediated ∆Ψm generation was insensitive to GABA-T inhibitors, shown in Fig. 4C 
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and D, for brain and liver mitochondria, respectively. We attempted to inhibit SSADH 

using 4-hydroxybenzaldehyde [199] or disulfiram [200], however both compounds were 

strongly uncoupling mitochondria (not shown). 

 

Figure 4. The effect of SSA on membrane potential of isolated brain (A, C) and 
liver (B, D) mitochondria. Reconstructed time-courses of safranine O fluorescence 
(arbitrary fluorescence) indicating ∆Ψm. Mitochondria (mito) were added where 
indicated; 0.25 mg for brain, 0.5 mg for liver. SSA (1 mM), glutamate (glu, 1 mM), 
malate (mal, 1 mM), SF6847 (SF, 1 µM) was added where indicated. In the experiments 
depicted by the blue traces in panels C and D, vigabatrin (VGBT, 0.3 mM), and in those 
depicted by green traces, aminooxyacetic acid (AOOA, 0.1 mM) was present in the 
medium prior to addition of mitochondria. Panels to the right share the same y-axis with 
panels to the left. Each trace is representative of at least four independent experiments.  
 

At this junction, the question arose if ∆Ψm generation was due to NADH 

production by SSADH, or FADH2 production supported by succinate, or both. To 

address this, we added either rotenone (Fig. 5A) or atpenin A5 (Fig. 5B) or both (Fig. 

5C) after SSA and recorded the changes in ∆Ψm of liver mitochondria. When rotenone 

or atpenin A5 were added alone, there were no changes in safranine O fluorescence, 

implying that in the first case FADH2 production from SDH was supporting ∆Ψm, and 
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in the latter case, NADH production from SSADH was responsible for the generation of 

reducing equivalents. When both complex I and II inhibitors were present, ∆Ψm 

collapsed, and the same effect was observed by inhibiting complex III with stigmatellin 

(Fig. 5D). This implies that ∆Ψm generated by SSA is supported by both FADH2 

production through SDH, and NADH formation through SSADH. 

 

Figure 5. The effect of respiratory complex inhibitors on membrane potential of 
isolated liver mitochondria energized by SSA. Reconstructed time-courses of 
safranine O fluorescence (arbitrary fluorescence) indicating ∆Ψm. Mitochondria (mito) 
were added where indicated; 0.25 mg for brain, 0.5 mg for liver. SSA (1 mM), rotenone 
(rot, 1 µM), atpenin A5 (atpn, 2 µM), stigmatellin (stigm, 1 µM) SF6847 (SF, 1 µM). 
Panels to the right share the same y-axis with panels to the left. Each trace is 
representative of at least four independent experiments.  
 

To further address the contribution of SSA in yielding NADH through SSADH, 

we recorded the effect of the substrate on NADH autofluorescence in permeabilized or 

intact mitochondria. The results of these experiments are shown in Fig. 6. As shown in 

Fig. 6A for brain, and 6B for liver, mitochondria were added when indicated, and 

NADH autofluorescence was recorded. After approximately 100 s mitochondria were 
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permeabilized by alamethicin, yielding a minor decrease in the signal. Further addition 

of NAD+ did not lead to any appreciable changes. Subsequent addition of 10 mM 

malonate ensures that SDH was fully inhibited. Then, addition of 1 mM SSA yielded a 

strong increase in NADH concentration. Despite the fact that atpenin A5 has been 

branded as a specific inhibitor of SDH, we wished to verify that it does not affect 

SSADH activity either. Indeed, by including 2 µM atpenin A5 and repeating the 

experiments (red traces, panels A and B), traces were nearly identical to those obtained 

in the absence of this SDH inhibitor (black traces, Fig. 6A and B). What is also evident 

by comparing Fig. 6A and 6B is that the extent of NADH production by SSA is nearly 

10 times higher in liver than in brain mitochondria. Since liver mitochondria were 

double the amount of brain mitochondria for these experiments, it is inferred that 

SSADH activity in liver is approximately 5 times higher than that in brain 

mitochondria. As expected, addition of succinate after SSA did not yield any further 

increase in NADH autofluorescence.  

In order to demonstrate that NADH can be generated by SSA in intact 

mitochondria, the following experiment was performed: as shown in Fig. 6C, liver 

mitochondria were added when indicated, and NADH autofluorescence was recorded. A 

small amount of the uncoupler (40 nM SF6847) was subsequently added in order to 

reach the maximum oxidized state of NADH/NAD+ pools and this was reflected by a 

decrease in the signal. Subsequent addition of rotenone blocked complex I, thus 

regenerating some amount of the NADH pool. Then, addition of either SSA (Fig. 6C, 

black trace) or succinate (Fig. 6C, orange trace) yielded an increase in 

intramitochondrial NADH fluorescence, but with different kinetics. In the case of SSA, 

the increase in NADH is due to SSADH activity, while in the case of succinate is 

probably due to downstream dehydrogenases of the citric acid cycle, thus the timing of 

NADH increase is more gradual. The pool of NAD+ for the dehydrogenases in the 

absence of a functional complex I due to rotenone could be mitochondrial diaphorases, 

as described previously [45]. 
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Figure 6. The effect of SSA on NADH autofluorescence in permeabilized brain (A) 
and liver (B) and intact liver (C) mitochondria. Reconstructed time-courses of 
calibrated (A, B) and uncalibrated (C) NADH autofluorescence. Mitochondria (mito) 
were added where indicated; 0.25 mg for brain, 0.5 mg for liver. Alamethicin (20 µg), 
NAD+ (1 mM), malonate (10 mM) SSA (1 mM), rotenone (rot, 1 µM), succinate (succ, 
1 mM), SF6847 (SF, 40 nM) was added where indicated. In the experiments depicted by 
the red traces in panels A and B, 2 µM atpenin A5 was present in the medium prior to 
addition of mitochondria. Panel B shares the same y-axis with panel A. Each trace is 
representative of at least four independent experiments.  
 

4.1.3. γ-Hydroxybutyrate as a bioenergetic substrate 

Regarding GHB, the catabolism of this molecule by mitochondria was also 

addressed mainly in rat tissues [105; 201]. As mentioned under section 1.8 and shown 

in Fig. 2, GHB transhydrogenates with α-ketoglutarate to SSA and D-2-

hydroxyglutarate by HOT. However, HOT exhibits a very strong tissue-specific 

expression; most notably, HOT is scarcely expressed in the brain [105; 202], a 

phenomenon that may contribute to the lingering neurologically-related effects of GHB 

acting on specific receptors [203], as it is catabolized very slowly. On the other hand, 

HOT is abundantly expressed in the liver [105]. Thus, exogenously added GHB to 

mitochondria isolated from brain should not lead to any appreciable bioenergetic 
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effects; such effects should be observed if liver mitochondria are used instead. Indeed, 

as shown in Fig. 7A, addition of 5 mM GHB before addition of 5 µM α-ketoglutarate 

(red trace) or addition of 50 µM α-ketoglutarate before GHB (black trace, because 

freshly purified brain mitochondria are devoid of endogenous substrates and HOT 

requires both GHB and α-ketoglutarate to generate D-2-hydroxyglutarate and SSA) did 

not lead to a significant gain of ∆Ψm in Percoll-purified brain mitochondria. Further 

addition of malate (1 mM) led to full polarization which was abolished by rotenone (1 

µM), implying that these mitochondria were entirely competent to generate ∆Ψm by 

substrates other than GHB. In contrast, addition of GHB to isolated liver mitochondria 

(Fig. 7B) before endogenous substrates were fully consumed (thus, minor amounts of α-

ketoglutarate were expected to exist in the mitochondrial matrix) led to a considerable 

polarization compared to vehicle; further addition of a minute amount of α-ketoglutarate 

(5 µM) led to a further gain of ∆Ψm. As expected, the concomitant presence of GABA-T 

inhibitors (Fig. 7B) vigabatrin (VGBT, blue trace) or aminooxyacetic acid (AOAA, 

green trace) did not affect the GHB-induced polarization in liver mitochondria, 

compared to control (black trace). 

 

Figure 7. The effect of GHB on membrane potential of isolated brain (A) and liver 
(B) mitochondria. Reconstructed time-courses of safranine O fluorescence (arbitrary 
fluorescence) indicating ∆Ψm. Mitochondria (mito) were added where indicated; 0.25 
mg for brain, 0.5 mg for liver. GHB (5 mM), α-ketoglutarate (α-Kg, 50 or 5 µM), 
malate (mal, 1 mM), rotenone (rot, 1 µM), SF6847 (SF, 1 µM) was added where 
indicated. In the experiments depicted by the blue traces in panel B, vigabatrin (VGBT, 
0.3 mM), and in those depicted by green trace, aminooxyacetic acid (AOOA, 0.1 mM) 
was present in the medium prior to addition of mitochondria. Red trace is a vehicle 
control for GHB. Panel B shares the same y-axis with panel A Each trace is 
representative of at least four independent experiments. 
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It is presumable that degradation of GHB by HOT contributes to membrane 

potential generation with producing D-2-hydroxyglutarate, for this can donate electrons 

to complex III through the ETF system. However, in our hands, addition of D-2-

hydroxyglutarate to isolated mitochondria did not yield any appreciable ∆Ψm (not 

shown).  

 

4.1.4. Investigation of mitochondrial substrate-level phosphorylation 

In order to interrogate the effects of GABA, SSA and GHB on SLP in intact 

mitochondria, we employed a biosensor test developed by our laboratory [21], where 

the effect of the ANT inhibitor carboxyatractyloside is investigated on safranine O 

fluorescence reflecting ∆Ψm. The principle of the test is shown in Fig. 8. In the 

experiments, mitochondria are polarized by different substrates present in the medium, 

then oxidative phosphorylation is induced by 2 mM ADP, resulting in a loss of 

membrane potential as ATP generation is coupled to utilization of the proton-motive 

force. Respiratory chain is inhibited either by 1 µM rotenone or by reaching anoxia, 

which lead to a further depolarization. At this membrane potential, Fo-F1 ATP synthase 

operates in reverse mode, i.e. it is pumping protons out of the matrix at the expense of 

matrix ATP hydrolysis. Next, the effect of cATR is examined: the adenine nucleotide 

exchange through the ANT is electrogenic, since one molecule of ATP4− is exchanged 

for one molecule of ADP3− [8]. Thus, in sufficiently energized mitochondria the export 

of ATP in exchange for ADP decreases ∆Ψm [204]. Therefore, during the forward mode 

of ANT, abolition of its operation by the ANT inhibitor cATR leads to a gain of ∆Ψm 

(Fig. 8, black line), whereas during the reverse mode of ANT, abolition of its operation 

by the inhibitor leads to a loss of ∆Ψm (Fig. 8, red line). If ANT was still working in 

forward mode, mitochondria could remain in the B space despite their inhibited 

respiratory chain, and this is due to the adequate operation of mitochondrial SLP. If 

ANT was working in reverse mode, mitochondria could not prevent entering the C 

space because of an insufficient ATP production through mitochondrial SLP. Finally, an 

uncoupler (SF6847) is added to reach complete depolarization. 
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Figure 8. The biosensor test used for determining ANT directionality under 
respiratory inhibition. Substrates are present in the experimental medium. Addition of 
ADP initiates oxidative phosphorylation in mitochondria which is reflected in a 
decrease in membrane potential. Then the respiratory chain is inhibited 
pharmacologically or by the depletion of oxygen in the chamber. The change in 
membrane potential after the addition of cATR depends on the directionality of adenine 
nucleotide translocase. If ANT has been operating in forward mode (exporting ATP and 
importing ADP, therefore exporting one negative charge), its inhibition by cATR results 
in a gain of membrane potential. If ANT has been operating in reverse mode, the 
addition of cATR lowers the membrane potential. Finally, an uncoupler is added to 
reach complete depolarization.  

 

4.1.5. GABA abolishes mitochondrial SLP in anoxia 

The results of such experiments for GABA are shown in Fig. 9, where membrane 

potential values are indicated by solid traces and parallel measurements of oxygen 

concentration by dotted traces. As it can be seen in Fig. 9A for brain and 9B for liver, 

mitochondria respired on glutamate and malate (black trace), or glutamate and malate 

plus GABA (red trace) and allowed to fully polarize. State 3 respiration was initiated by 

2 mM ADP. The presence of GABA did not increase the rates of respiration, consistent 

with the findings of Fig. 3C showing no further polarization by GABA, in the presence 

of glutamate and malate.  
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Figure 9. The effect of GABA on mitochondrial SLP during anoxia. Reconstructed 
time courses of safranine O signal calibrated to ∆Ψm (solid traces), and parallel 
measurements of oxygen concentration in the medium (dotted traces) in isolated brain 
(0.5 mg, A, C, E) and liver (1 mg, B, D, F) mitochondria in the presence of either 
GABA (5 mM, red traces) or GABA + vigabatrin (VGBT, 0.3 mM, blue traces), or 
GABA + aminooxyacetic acid (AOAA, 0.1 mM green traces). ADP: 2 mM; 
carboxyatractyloside (cATR), 1 µM. Substrate concentrations were: glutamate (5 mM) 
and malate (5 mM). At the end of each experiment 1 µM SF 6847 was added to achieve 
complete depolarization. Each trace is representative of at least four independent 
experiments.  
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In an air-tight chamber, mitochondria consume the entire amount of oxygen and 

this is verified by recording 'zero' levels of dissolved oxygen. Anoxia also coincided 

with the onset of an additional depolarization leading to a clamp of ∆Ψm at around −100 

mV. In mitochondria respiring on substrates supporting SLP, as in these experiments, 

i.e. glutamate and malate [21], inhibition of the ANT by cATR conferred a moderate 

repolarization, implying that the translocase was still operating in the forward mode. In 

contrast, mitochondria fueled by glutamate and malate plus GABA, reacted to cATR 

with a depolarization during the anoxic period. The effect of GABA, reverting the 

cATR induced changes from repolarization to depolarization implying abolition of SLP 

was antagonized by the GABA-T inhibitors vigabatrin (VGBT, 0.3 mM, blue traces in 

Fig. 9C for brain and 9D for liver) and aminooxyacetic acid (AOAA, 0.1 mM green 

traces in Fig. 9E for brain and 9F for liver). It is also notable that AOAA diminished 

state 3 respiration, which is expected because it is an inhibitor of pyridoxal phosphate-

dependent enzymes [98; 99; 205], most participating in several bioenergetic pathways.  

From the above experiments we concluded that GABA metabolism through the 

GABA shunt led to an increase in succinate formation, which favored the reversible 

reaction catalyzed by succinate-CoA ligase towards ATP (or GTP) hydrolysis, thus 

abolishing SLP.  

 

4.1.6. Succinic semialdehyde abolishes mitochondrial SLP in anoxia 

Regarding the effect of SSA on SLP, the results of these experiments are shown in 

Fig. 10. As shown in Fig. 10A for brain and 10B for liver, mitochondria respired on 

glutamate and malate (black trace), or glutamate and malate plus SSA (red trace) and 

allowed to fully polarize (solid traces). State 3 respiration was initiated by 2 mM ADP. 

The presence of SSA affected very minorly the rates of respiration. However, during the 

anoxic period the presence of SSA reverted the cATR induced changes from 

repolarization to depolarization implying abolition of SLP, but unlike in the case of 

GABA, the GABA-T inhibitors vigabatrin (VGBT, 0.3 mM, blue traces in Fig. 10C for 

brain and 10D for liver) and aminooxyacetic acid (AOAA, 0.1 mM green traces in Fig. 

10E for brain and 10F for liver) did not ameliorate the effect of SSA. This is expected, 

because SSA entry to the GABA shunt is after the GABA-T step (see Fig. 2).  
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Figure 10. The effect of SSA on mitochondrial SLP during anoxia. Reconstructed 
time courses of safranine O signal calibrated to ∆Ψm (solid traces), and parallel 
measurements of oxygen concentration in the medium (dotted traces) in isolated brain 
(0.5 mg, A, C, E) and liver (1 mg, B, D, F) mitochondria in the presence of either SSA 
(1 mM, red traces) or SSA + vigabatrin (VGBT, 0.3 mM, blue traces), or SSA + 
aminooxyacetic acid (AOAA, 0.1 mM green traces). ADP: 2 mM; carboxyatractyloside 
(cATR), 1 µM. Substrate concentrations were: glutamate (5 mM) and malate (5 mM). 
At the end of each experiment 1 µM SF 6847 was added to achieve complete 
depolarization. Each trace is representative of at least four independent experiments. 
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4.1.7. γ-Hydroxybutyrate abolishes mitochondrial SLP in anoxia 

Regarding the effect of GHB on SLP, the results of these experiments are shown 

in Fig. 11. As shown in Fig. 11A for brain and 11B for liver, mitochondria respired on 

α-ketoglutarate and malate (black trace), or α-ketoglutarate and malate plus GHB (red 

trace) and allowed to fully polarize (solid traces). State 3 respiration was initiated by 2 

mM ADP. The presence of GHB minorly affected the rates of liver but not brain 

mitochondrial respiration. In liver mitochondria, during the anoxic period the presence 

of GHB reverted the cATR induced changes from repolarization to depolarization 

implying abolition of SLP, but unlike in the case of GABA, vigabatrin (VGBT, 0.3 mM, 

Fig. 11C blue trace) or aminooxyacetic acid (AOAA, 0.1 mM Fig. 11D, green trace) did 

not ameliorate the effect of GHB. This is expected, because GHB entry to the GABA 

shunt does not involve the GABA-T step (see Fig. 2). Unlike liver mitochondria, GHB 

did not inhibit SLP in brain mitochondria (Fig. 11A) consistent with the fact that HOT 

is scarcely expressed in the brain, precluding the formation of an appreciable amount of 

SSA.  

From the above experiments we concluded that during anoxia, the beneficial 

effect of SLP preventing mitochondria from becoming extramitochondrial ATP 

consumers is abolished by GABA, SSA and GHB. 
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Figure 11. The effect of GHB on mitochondrial SLP during anoxia. Reconstructed 
time courses of safranine O signal calibrated to ∆Ψm (solid traces), and parallel 
measurements of oxygen concentration in the medium (dotted traces) in isolated brain 
(0.5 mg, A) and liver (1 mg, B, C, D) mitochondria in the presence of either GHB (5 
mM, red traces) or GHB + vigabatrin (VGBT, 0.3 mM, blue traces), or GHB + 
aminooxyacetic acid (AOAA, 0.1 mM green traces). ADP: 2 mM; carboxyatractyloside 
(cATR), 1 µM. Substrate concentrations were: glutamate (5 mM) and malate (5 mM). 
At the end of each experiment 1 µM SF 6847 was added to achieve complete 
depolarization. Each trace is representative of at least four independent experiments. 
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4.2. Contribution of Nqo1

endogenous or exogenous quinones

Mindful that Nqo1 localizes to mitochondria (even though accounting for <15% 

of total cellular diaphorase activity), we were interested in the extent of contribution of 

this protein yielding NAD+

demonstrated in this chapter

rate and SLP in Nqo1–/– mitochondria compared to WT.

ability of mitochondrial Nqo1 oxidizing reducing equivalents, we tested the effect of a 

host of redox-active quinones

 

4.2.1. Determination of NAD(P)H oxidation and 

cytosolic extracts and permeabilized mitochondria from the livers of WT and 

Nqo1–/– mice 

The extent of contribution of 

was measured using two 

determining the dicoumarol

NADPH oxidation and ii) by determining the dicoumarol

c reduction using various quinones in the presence of NADH. 

two methodologies are depicted in Fig. 12. 

Figure 12. Principle of the diaphorase activity assays
either transferred to DCPIP and the reduction of the dye is monitored
to a quinone and then to 
absorbance of which is measured.
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. Contribution of Nqo1 to NAD+ provision and mitochondrial SLP

endogenous or exogenous quinones 

localizes to mitochondria (even though accounting for <15% 

of total cellular diaphorase activity), we were interested in the extent of contribution of 
+ in the matrix when complex I is inhibited. The experiments 

is chapter examine NADH-oxidizing activity, oxygen consumption 

mitochondria compared to WT. To characterize further the 

ability of mitochondrial Nqo1 oxidizing reducing equivalents, we tested the effect of a 

active quinones on the above mentioned parameters.  

NAD(P)H oxidation and quinone reduction capacity

permeabilized mitochondria from the livers of WT and 

The extent of contribution of Nqo1 to overall diaphorase activity in mouse liver 

 different methods (as described in chapter 3

determining the dicoumarol-sensitive rates of DCPIP reduction during NADH

NADPH oxidation and ii) by determining the dicoumarol-sensitive rates of cytochrome 

using various quinones in the presence of NADH. The principles of these 

ologies are depicted in Fig. 12.  

rinciple of the diaphorase activity assays. The electrons of NAD(P)H are 
either transferred to DCPIP and the reduction of the dye is monitored; or

 a secondary electron acceptor, cytochrome c
is measured. 

 

rial SLP using 

localizes to mitochondria (even though accounting for <15% 

of total cellular diaphorase activity), we were interested in the extent of contribution of 

The experiments 

oxygen consumption 

To characterize further the 

ability of mitochondrial Nqo1 oxidizing reducing equivalents, we tested the effect of a 

quinone reduction capacity in 

permeabilized mitochondria from the livers of WT and 

Nqo1 to overall diaphorase activity in mouse liver 

(as described in chapter 3.6.): i) by 

sensitive rates of DCPIP reduction during NADH and 

sensitive rates of cytochrome 

The principles of these 

 

electrons of NAD(P)H are 
or they are passed 

a secondary electron acceptor, cytochrome c (cyt c), the 
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Data obtained from WT and Nqo1–/– mice were pooled and compared. Nqo1–/– 

mice have been developed by the group of Jaiswal [171]. As shown in Fig. 13A, the 

presence of 10 µM dicoumarol decreased DCPIP reduction to nearly zero when using 

NADH in cytosolic extracts from the livers of WT mice. When NADPH was used 

instead of NADH, DCPIP reduction was 100% eliminated by dicoumarol (Fig. 13B, 

white bars). These two results confirm that the cytosolic NAD(P)H-dependent 

diaphorase activity is almost 100% sensitive to dicoumarol. By repeating these 

experiments but using cytosolic extracts from the livers of Nqo1–/– mice (grey hatched 

bars) it is obvious that diaphorase activity is largely – but not exclusively – due to 

Nqo1. This methodology relies on the ability of diaphorases (including Nqo1) to reduce 

DCPIP; however, different diaphorases exhibit different affinities for electron acceptors, 

thus we measured cytochrome c oxidation rates in the presence of various quinones (as 

electron acceptors), which were later used for further experiments. As shown in Fig. 

13C, D and E, the rates of cytochrome c reduction and their sensitivities to dicoumarol 

varied in the presence of MND, DQ or MNQ, using cytosolic extracts from the livers of 

WT mice. With this methodology, a statistically significant decrease in diaphorase 

activity was demonstrated only by using MND and MNQ. On the other hand, 

dicoumarol failed to decrease diaphorase activity in cytosolic extracts obtained from the 

livers of Nqo1–/– mice. The finding that in the hepatic cytosols of Nqo1–/– mice higher 

diaphorase activities were observed using the cytochrome c reduction method vs the 

DCPIP reduction method reflects the fact that other diaphorases are present in this 

compartment, which are not dicoumarol-sensitive and exhibit higher affinities for 

redox-active compounds other than DCPIP. 
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Figure 13. Determination of diaphorase activity in cytosolic extracts from the 
livers of WT and Nqo1–/–mice. White bars signify data from WT mice, grey-hatched 
bars from Nqo1–/– mice. Panels A and B depict data obtained by the DCPIP reduction 
method using NADH or NADPH as indicated in the panels. Panels C, D and E depict 
data obtained by the cytochrome c reduction method using menadione (MND, 10 µM), 
duroquinone (DQ, 10 µM) or 2-methoxy-1,4-naphtoquinone (MNQ, 10 µM) as 
indicated in the panels, in the presence of NADH. All samples were measured in the 
absence (control) or presence of 10 µM dicoumarol (DIC).  
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To investigate the extent of contribution of mitochondrial Nqo1 to overall 

diaphorase activity, the same experiments were performed using freeze-thawn isolated 

mitochondria from the livers of WT and Nqo1–/– mice, in the presence of 2 µM 

rotenone. As shown in Fig. 14A, the presence of 10 µM DIC decreased DCPIP 

reduction to a small and not significant level, despite the extremely high DCPIP 

reduction rate in the presence of NADH, in both types of mitochondria isolated from the 

livers of WT and Nqo1–/– mice. When NADPH was used in lieu of NADH, a ~20 times 

lower rate of DCPIP reduction was recorded, which was also minorly sensitive to DIC 

(Fig. 14B). These findings reflect the presence of DCPIP reduction mechanisms 

dependent on NADH but not NADPH in mitochondria, a concept which is not at odds 

with the very rich redox matrix environment and its dependence on NADH/NAD+ ratio. 

Exclusive mitochondrial Nqo1 activity can be calculated by subtracting the [control 

minus DIC-insensitive] rate obtained from Nqo1–/– mice from the [control minus DIC-

insensitive] DCPIP reduction rate obtained from WT mice, for either NADH or 

NADPH. This calculation yielded evanescently small amounts (<1 nmol) of DCPIP 

reduced per minute per mg protein in mitochondria, which is in agreement with an 

average estimation of <15% of total [148-157]. By using the cytochrome c reduction 

method with various quinones in freeze-thawn isolated mitochondria, a very high 

reduction rate was recorded for all quinones tested (Fig. 14C, D and E). Notably, if 

MNQ was the used quinone, there a statistically significant difference in diaphorase 

activity was observed by comparing WT with Nqo1–/– mice (Fig. 14E). When quinones 

other than MNQ were used, mitochondria from Nqo1–/– mice also showed diminished 

rates of cytochrome c reduction compared to those obtained from WT mice, albeit these 

differences did not reach statistical significance. As for the results obtained from 

cytosolic extracts, it can be concluded that the mitochondrial matrix also harbors other 

than Nqo1 diaphorases which are also not dicoumarol-sensitive and exhibit higher 

affinities for redox-active compounds other than DCPIP. 
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Figure 14. Determination of diaphorase activity in permeabilized mitochondria 
from the livers of WT and Nqo1–/– mice. White bars signify data from WT mice, grey-
hatched bars from Nqo1–/–mice. Panels A and B depict data obtained by the DCPIP 
reduction method using NADH or NADPH as indicated in the panels. Panels C, D and 
E depict data obtained by the cytochrome c reduction method using menadione (MND, 
10 µM), duroquinone (DQ, 10 µM) or 2-methoxy-1,4-naphtoquinone (MNQ, 10 µM) as 
indicated in the panels, in the presence of NADH. All samples were measured in the 
absence (control) or presence of 10 µM dicoumarol (DIC). 
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4.2.2. Effect of quinones on NADH oxidation capacity of permeabilized liver 

mitochondria from WT and Nqo1–/– mice 

To examine the extent of contribution of mitochondrial Nqo1 to mitochondrial 

NADH oxidation capacity, the impacts of MNQ and DQ on NADH oxidation in 

permeabilized mitochondria from the livers of WT and Nqo1–/– mice was investigated. 

As shown in Fig. 15A and 15B, addition of either MNQ or DQ caused NADH oxidation 

in mitochondria from WT (white bars) and Nqo1–/– (grey hatched bars) mice. The rates 

of NADH oxidation of mitochondria from Nqo1–/– mice were, however, lower than 

those from WT mice, and statistical significance was reached only in the case of DQ. 

These results imply that mitochondrial diaphorases other than Nqo1 can contribute to 

NADH oxidation supported by exogenous quinones, and DQ is largely reduced by 

Nqo1.  

 

 

Figure 15. Effect of quinones on NADH oxidation of permeabilized liver 
mitochondria from WT and Nqo1–/– mice. White bars signify data from WT mice, 
grey hatched bars from Nqo1–/– mice. Mitochondria were permeabilized by alamethicin 
(20 µg), and NADH-oxidation was followed in the presence of the respective quinone 
and 1 µM rotenone. The concentrations of quinones used for panels A and B were: 2-
methoxy-1,4-naphtoquinone (MNQ): 100 µM; duroquinone (DQ): 0.2 mM. 
 

4.2.3. Effect of quinones on respiratory capacity of intact mitochondria from WT 

and Nqo1–/– mice  

Nqo1–/– mice are known to exhibit lower levels of nicotinamide nucleotides in 

their tissues [163; 206] which could affect the function of several NAD+-dependent 

proteins [207] and as an extension of this, the overall process of mitochondrial 

respiration. However, as shown in Fig. 16A and 16B, by using four different substrate 

combinations (glutamate and malate, glutamate and malate and β-hydroxybutyrate, α-
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ketoglutarate and malate, α-ketoglutarate) all being NADH-linked substrates, no 

differences in either state 2 or state 3 respiration was observed in intact liver 

mitochondria from WT vs Nqo1–/– mice.  

 

Figure 16. Respiratory capacity of intact WT and Nqo1–/– mouse liver 
mitochondria supplied with different substrate combinations. White bars signify 
data from WT mice, grey hatched bars from Nqo1–/– mice. State 2 respiration is 
depicted in panel A and state 3 in panel B. The concentrations of substrates were as 
follows: glutamate (glu): 5 mM; malate (mal): 5 mM; β-hydroxybutyrate (β-OH): 2 
mM, α-ketoglutarate (α-Kg): 5 mM.  
 

To examine the extent of contribution of mitochondrial Nqo1 to mitochondrial 

respiration as a function of exogenous quinones, the impact of various quinones on 

oxygen consumption rates was investigated (in the presence of glutamate and malate 

and β-hydroxybutyrate). As shown in Fig. 17A and 17B, some quinones led to a 

statistically significant increase vs decrease in state 2 and state 3 respiration, 

respectively, consistent with previous reports that some exhibit mitochondrial toxicities 

on recognized targets other than Nqo1 [208; 209]. What is also apparent from Fig. 16 

and 17 is that the RCR of ~8.5 (for glutamate and malate and β-hydroxybutyrate) for 

liver mitochondria obtained from both WT and Nqo1–/– mice affords the assurance that 

the lack of statistically significant difference in RCR between them is not due to poor 

mitochondrial quality that could potentially obliterate any variances. 
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Figure 17. Respiratory capacity of intact liver mitochondria from WT and Nqo1–/– 
mice in the presence of exogenous quinones. White bars signify data from WT mice, 
grey hatched bars from Nqo1–/– mice. The effect of quinones on state 2 (panel A) and 
state 3 (panel B) was tested in  mitochondria respiring on glutamate (5 mM), malate (5 
mM) and β-hydroxybutyrate (2 mM). The concentrations of quinones used were: 
menadione (MND): 10 µM; mitoquinone (mitoQ): 0.5 µM; duroquinone (DQ): 0.1 mM; 
2-methoxy-1,4-naphtoquinone (MNQ): 10 µM; idebenone (IDB): 10 µM. 
 

4.2.4. Effect of targeted ETC inhibition on quinone-assisted respiration in intact 

mitochondria of WT and Nqo1–/– mice 

When complex I is fully inhibited, respiration supported by quinones implies that 

they were reduced to the corresponding hydroquinone derivative which was later used 

by complexes III and IV. Quinone reduction may occur by complex II, Nqo1 or other 

mitochondrial diaphorases. To interrogate the molecular entity reducing the quinones, 

we performed the following experiments: as shown in Fig. 18A, oxygen consumption 

rate of intact mitochondria was recorded, while ADP, rotenone, a quinone and inhibitors 

were sequentially added. Substrates (glutamate and malate) were already present in the 

medium. Dotted lines indicate oxygen concentration in the medium, and solid lines 

indicate oxygen consumption rate (flux) calculated as detailed in section 3.4. Black line 
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is a representative trace using liver mitochondria from WT mice, while red line 

represents a trace obtained by using Nqo1–/– mice. Briefly, state 2 respiration was 

recorded for 50 sec and then ADP (2 mM) was added leading to >8-fold increase in 

respiration rates. Subsequently, respiration was halted by the addition of rotenone (1 

µM); the complete cessation of respiration is expected since, glutamate and malate are 

NADH-linked substrates, thus relying on NADH oxidation by complex I. Subsequently, 

a quinone was added (in panel A MNQ was added) which led to a small, but statistically 

significant increase in respiration. Then, the complex II inhibitor atpenin A5 was added 

that abolished this increase in respiration. Subsequently, the complex III and IV 

inhibitors stigmatellin and KCN (CN), respectively, were added that led to no further 

decrease in respiration. The ‘dip’ in respiration rate upon addition of stigmatellin is 

artifactual, and it is due to brief introduction of oxygen in the air-tight chamber upon 

addition of the inhibitor through the syringe. Results from using menadione, mitoQ, 

duroquinone, MNQ (10 µM), idebenone and MNQ (50 µM) are shown in Fig. 18B, 

18C, 18D, 18E, 18F, and 18G, respectively. Those obtained from WT mice are depicted 

in white bars, and those from Nqo1–/– mice in grey hatched bars. As shown in Fig. 18B-

G, addition of any quinone led to a statistically significant increase in respiration which 

was subsequently abolished by atpenin A5. The increase in respiration by MNQ in 

rotenone-treated mitochondria was also sensitive to inhibition by malonate, a 

competitive inhibitor of complex II, shown in Fig. 18I. To examine the contribution of 

dicoumarol-sensitive diaphorases in producing quinols for complex III supporting 

respiration, the effect of dicoumarol prior to addition of MNQ was tested. As shown in 

Fig. panel 18H, addition of dicoumarol after rotenone led to a protracted increase in 

respiration upon further addition of MNQ (comparing Fig. 18H with 18E and 18I), 

albeit a statistically significant increase was recorded. Due to very low values of 

respiration after the addition of rotenone, statistical analysis comparing three groups 

(MNQ, MNQ+DIC, and MNQ+atpn) would require a very large number of experiments 

in order to reveal a statistical significance, and that was not performed. What is also 

apparent from all panels shown in Fig. 18 is that the absence of Nqo1 does not impact 

on mitochondrial respiration supported by quinones in the presence of rotenone, and this 

was largely due to reduction of the quinones by complex II forming quinols, in turn 

supporting complexes III and IV. 
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Figure 18. Effect of targeted ETC inhibition on quinone-assisted respiration in 
intact mitochondria of WT and Nqo1–/– mice. White bars or a black trace signify data 
from WT mice, grey hatched bars or a red trace from Nqo1–/– mice. Panel A depicts a 
typical experiment recording oxygen concentration (dotted lines) and calculation of 
oxygen consumption rate (solid lines). Panels B-G represent cumulated data of 
experiments performed as shown in panel A. Mitochondrial respiration was supported 
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by 5 mM glutamate and 5 mM malate. The concentrations of quinones and inhibitors 
used were: menadione (MND): 10 µM; mitoquinone (mitoQ): 0.5 µM; duroquinone 
(DQ): 50 µM; 2-methoxy-1,4-naphtoquinone (MNQ): 10 or 50 µM as indicated in the 
panels; idebenone (IDB): 10 µM; rotenone (rot): 1 µM; atpenin A5 (atpn): 1 µM; 
stigmatellin (stigm): 1 µM; KCN (CN): 1 mM; dicoumarol (DIC): 5 µM; malonate 
(mln): 5 mM. 
 
4.2.5. The contribution of mitochondrial Nqo1 to quinone-induced gain in ∆Ψm in 

rotenone-treated mitochondria 

To address the extent of contribution of quinones generating ∆Ψm and how much 

of this is due to Nqo1, we performed the following experiments: as shown in Fig. 19, 

membrane potential of liver mitochondria from WT (black traces) vs Nqo1–/– (red 

traces) mice was measured by calibrating safranine O fluorescence signals as described 

in section 3.3, and the effect of sequential additions of the following compounds was 

recorded: mitochondria were allowed to fully polarize by using glutamate and malate 

(present in the medium prior to the addition of mitochondria); then, 2 mM ADP was 

added that led to a depolarization on the order of 25-30 mV.  

 
Figure 19. The contribution of mitochondrial Nqo1 on quinone-induced gain in 
∆Ψm in rotenone-treated mitochondria. Reconstructed time courses of safranine O 
signal calibrated to ∆Ψm in isolated liver mitochondria of WT (black traces) vs Nqo1–/– 
(red traces) mice respiring on 5 mM glutamate and 5 mM malate. ADP (2 mM) and 
rotenone (rot, 1 µM) were added where indicated. Quinones were added after rotenone 
where indicated. The concentrations of quinones used were: menadione (MND): 10 µM; 
mitoquinone (mitoQ): 0.5 µM; duroquinone (DQ): 50 µM; 2-methoxy-1,4-
naphtoquinone (MNQ): 10 µM; idebenone (IDB): 10 µM; dicoumarol (DIC): 5 µM. 
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Subsequently, rotenone was added to inhibit complex I activity which led to a 

further depolarization, ‘clamping’ ∆Ψm around –100 mV. The subsequent addition of a 

quinone the identity of which is written in the panels of Fig. 19 led to a small gain in 

∆Ψm in mitochondria from WT but not Nqo1–/– mice, except if the quinone was 

idebenone (Fig. 19E). In Fig. 19F, the effect of dicoumarol is shown, which dampens 

the effect of MNQ on inducing ∆Ψm gain (compare black traces in Fig. 19D with 19F). 

 

4.2.6. Substrate-level phosphorylation supported by non-Nqo1 dicoumarol-

sensitive mitochondrial diaphorases using endogenous quinones 

In order to address the extent of contribution of mitochondrial Nqo1 providing 

NAD+ to KGDHC yielding succinyl-CoA in turn supporting mitochondrial SLP, we 

compared the adenine nucleotide translocase directionalities of rotenone- and anoxia-

treated mitochondria from WT vs Nqo1–/– mice, using the previously described 

biosensor test. Mitochondria were energized by four different substrate combinations, 

which support SLP to varying extents. As shown in Fig. 20A (for rotenone-treatment) 

and 20B (anoxia), inhibition of the ANT by carboxyatractyloside led to nearly identical 

changes in ∆Ψm between WT and Nqo1–/– in all cases, implying that mitochondrial 

Nqo1 is not critical for NAD+ provision when mitochondria utilize endogenous 

quinones. 

The effect of dicoumarol or other diaphorase inhibitors (chrysin, 

dihydroxyflavone, phenindione) deteriorating mitochondrial SLP in WT mitochondria 

was investigated in [45]. However, their presence abolished mitochondrial SLP even in 

mitochondria obtained from Nqo1–/–mice (green traces in Fig. 20C), implying that the 

inhibition of some other diaphorase is responsible for this. Exactly as described for WT 

in [45], diaphorase inhibitors worsened the cATR-induced changes in ∆Ψm in anoxic 

mitochondria obtained from Nqo1–/– mice (Fig. 20D). Similar to the effect of diaphorase 

inhibitors on WT mitochondria, these compounds also moderately inhibited state 3 but 

not state 2 respiration (Fig. 20E), in mitochondria lacking Nqo1 expression. 
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Figure 20. SLP supported by non-Nqo1 mitochondrial diaphorases using 
endogenous quinones and their sensitivity to diaphorase inhibitors. Panel A shows 
reconstructed time courses of safranine O signal calibrated to ∆Ψm in isolated liver 
mitochondria of WT (black traces) vs Nqo1–/– (red traces) mice treated with rotenone. 
ADP (2 mM) rotenone (rot, 1 µM) and carboxyatractyloside (cATR, 1 µM) were added 
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where indicated on the left-most subpanel, and the same additions were made in all 
subsequent subpanels. Respiration substrates used are shown in the subpanels. Their 
concentrations were: glutamate (glu): 5 mM; malate (mal): 5 mM; β-hydroxybutyrate 
(βOH): 2 mM, α-ketoglutarate (α-Kg): 5 mM. Panel B shows reconstructed time courses 
of safranine O signal calibrated to ∆Ψm (solid traces) and parallel measurements of 
oxygen concentration in the medium (dotted traces) in isolated liver mitochondria of 
WT (black traces) vs Nqo1–/– (red traces) mice, and the effect of anoxia. Substrates were 
as in corresponding subpanels in panel A. Panels C and D depict the effect of 
diaphorase inhibitors in reconstructed time courses of safranine O signal calibrated to 
∆Ψm (solid traces) in isolated liver mitochondria of Nqo1–/– mice treated with rotenone 
or during anoxia. In red traces, inhibitors were absent. In green traces, diaphorase 
inhibitors were present as indicated in the panels, in the following concentrations: 
Dicoumarol (DIC): 5 µM; chrysin (CHR): 5 µM; dihydroxyflavone (dOH-F): 20 µM; 
phenindione (PHND): 10 µM. In panel D and all subpanels parallel measurements of 
oxygen concentration in the medium (dotted traces) are also shown. At the end of each 
experiment 1 µM SF 6847 was added to achieve complete depolarization. In panel E, 
the effect of diaphorase inhibitors as indicated in the panel (concentrations used as for 
panels C and D) on state 2 and state 3 respiration of liver mitochondria obtained from 
Nqo1–/– mice is shown. 
 

4.2.7. MNQ supports mitochondrial SLP preferably through Nqo1 

The most important question of the present study was if mitochondrial Nqo1 is 

responsible for provision of NAD+ to KGDHC yielding succinyl-CoA ultimately 

supporting mitochondrial SLP as a function of exogenous quinones. To address this, we 

performed similar experiments as shown for the previous chapter, but mitochondrial 

substrates were glutamate and malate and β-hydroxybutyrate, a substrate combination in 

which by titrating β-hydroxybutyrate the mitochondrial NADH/NAD+ ratio can be 

manipulated: β-hydroxybutyrate is converted to acetoacetate by β-hydroxybutyrate 

dehydrogenase with the concomitant reduction of NAD+, thus less oxidized NAD+ will 

be available for KGDHC. As such, it is possible to achieve that by adding cATR after 

rotenone, no changes in ∆Ψm can be observed because the value of this parameter is 

nearly identical to that of the reversal potential of the ANT [21; 23]. This strategy was 

applied in liver mitochondria from WT and Nqo1–/– mice. As shown in Fig. 21A-E, the 

addition of DQ, IDB and MNQ restored cATR-induced repolarization in the WT 

samples. From these quinones, only MNQ did not show a rescue of mitochondrial SLP 

in Nqo1–/– mitochondria (panel 21D, green and black trace). This means, that NAD+ 

provision by Nqo1 using MNQ as substrate, is preferably used for KGDHC reaction 

forming succinyl-CoA, in turn supporting mitochondrial SLP.  
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Figure 21. Effect of diaphorase substrates on mitochondrial SLP of liver 
mitochondria from WT and Nqo1–/– mice, in the presence of rotenone. Panels A-E 
depict reconstructed time courses of safranine O signal calibrated to ∆Ψm in isolated 
liver mitochondria of WT vs Nqo1–/– mice as indicated in the panels. ADP (2 mM) 
rotenone (rot, 1 µM), carboxyatractyloside (cATR, 1 µM) and idebenone (IDB, 10 µM) 
were added where indicated. Quinones (green traces) were used at the following 
concentrations: menadione (MND): 10 µM; mitoquinone (mitoQ): 0.5 µM; duroquinone 
(DQ): 50 µM; 2-methoxy-1,4-naphtoquinone (MNQ): 10 µM; idebenone (IDB): 10 µM. 
Mitochondrial substrates were common for all experiments shown in the panels and 
were glutamate (glu, 5 mM) and malate (mal, 5 mM) and β-hydroxybutyrate (βOH, 2 
mM). At the end of each experiment 1 µM SF 6847 was added to achieve complete 
depolarization. 

 

Finally, just like for other diaphorase substrates, the effect of MNQ supporting 

mitochondrial SLP in WT mitochondria with an inhibited complex I by rotenone was 

sensitive to inhibition by several compounds tested, shown in Fig. 22A. To avoid trace 

clutter, in Fig. 22A the black, red, and green traces are identical for all subpanels. 

Dicoumarol abolished SLP in the presence of MNQ or DQ in Nqo1–/– mitochondria as 

well (Fig. 22B).  
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Figure 22. Effect of diaphorase inhibitors on mitochondrial SLP of liver 
mitochondria from WT and Nqo1–/– mice. Panels A and B depict reconstructed time 
courses of safranine O signal calibrated to ∆Ψm in isolated liver mitochondria of WT vs 
Nqo1–/– mice as indicated in the panels. ADP (2 mM) rotenone (rot, 1 µM) and 
carboxyatractyloside (cATR, 1 µM) were added where indicated. Mitochondrial 
substrates were glutamate (glu, 5 mM) and malate (mal, 5 mM) or glutamate and malate 
and β-hydroxybutyrate (β-OH, 2 mM), as indicated in the legends. Inhibitors used are 
indicated in the panels, used in the following concentrations: dicoumarol (DIC): 5 µM; 
chrysin (CHR): 5 µM; dihydroxyflavone (dOH-F): 20 µM; phenindione (PHND): 10 
µM. When MNQ or DQ were additionally present, their concentrations were 10 µM. At 
the end of each experiment 1 µM SF 6847 was added to achieve complete 
depolarization.  
 

In a manner similar to that shown in [45], quinones did not rescue mitochondrial 

SLP when respiratory chain inhibition was achieved by anoxia instead of rotenone, 

except for DQ (Fig. 23A-E). The presence of DQ restored cATR-induced repolarization 

in anoxic mitochondria, and there was no difference in this effect between the WT and 

 Nqo1–/– samples (panel 23C). 
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Figure 23. The effect of quinones on mitochondrial SLP of liver mitochondria from 
WT and Nqo1–/– mice, in anoxia. Panels A-E depict reconstructed time courses of 
safranine O signal calibrated to ∆Ψm (solid lines) and parallel measurements of oxygen 
concentration in the medium (dotted lines) in isolated liver mitochondria of WT vs 
Nqo1–/– mice as indicated in the panels, and the effect of anoxia. Mitochondrial 
substrates were common for all experiments shown in the panels and were glutamate 
(glu, 5 mM) and malate (mal, 5 mM) and β-hydroxybutyrate (β-OH, 2 mM). ADP (2 
mM) and carboxyatractyloside (cATR, 1 µM) were added where indicated. Quinones 
(green traces) were used at the following concentrations: menadione (MND): 10 µM; 
mitoquinone (mitoQ): 0.5 µM; duroquinone (DQ): 100 µM; 2-methoxy-1,4-
naphtoquinone (MNQ): 10 µM; idebenone (IDB): 10 µM. At the end of each 
experiment 1 µM SF 6847 was added to achieve complete depolarization. 
 

4.2.8. Investigating the contribution of diaphorases including NQO1 to 

mitochondrial SLP in HepG2 cells 

To examine the extent of contribution of diaphorases including NQO1 to 

mitochondrial SLP when mitochondria are in their natural environment, we used HepG2 

cells. This cell line is known to express NQO1 at high levels [210]. As shown in Fig. 

24A, cells were permeabilized as described in [26] and mitochondrial SLP was 

evaluated by recording safranine O fluorescence signals as described in section 3.8 
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implying ∆Ψm (converted to percentage) and observing ANT directionality as a function 

of MNQ. Mitochondria were allowed to polarize by glutamate and malate and α-

ketoglutarate (all at 5 mM); subsequently, ADP was added, leading to a physiological 

depolarization. Then, respiration was halted by rotenone leading to a further loss of 

∆Ψm. Subsequent inhibition of the ANT by carboxyatractyloside led to unappreciable 

changes in safranine fluorescence, implying that HepG2 cells in permeabilized mode 

have lost some endogenous quinone (panel 24A, black circles), and ∆Ψm is near the 

reversal potential of the translocase.  By repeating the experiment but including MNQ 

(10 µM) in the media, in situ HepG2 mitochondria exhibited a robust cATR-induced 

repolarization (panel 24A, green triangles), implying a strong mitochondrial SLP. By 

replacing cATR with oligomycin (olgm, 10 µM, panel 24A, red squares), a 

depolarization was evoked, confirming that the Fo-F1 ATP synthase operated in reverse 

as a result of inhibition of complex I by rotenone. The effect of MNQ boosting 

mitochondrial SLP in HepG2 cells through diaphorases was further supported by the 

finding that it was sensitive to inhibition by dicoumarol. As shown in Fig. 24B, the 

presence of 5 µM dicoumarol (orange circles) or even 0.5 µM dicoumarol (red squares) 

abolished the effect of MNQ on boosting mitochondrial SLP, i.e. cATR led to small 

repolarization or depolarization. The exact same effects were observed by replacing 

MNQ with duroquinone (50 µM, panel 24C) or idebenone (10 µM, panel 24D). Thus, 

from the experiments shown in Fig. 24A-D we concluded that quinones support 

mitochondrial SLP in a dicoumarol-sensitive manner, in permeabilized HepG2 cells. 

To address the extent of contribution of diaphorase activity attributed to NQO1, 

we transfected HepG2 cells with siRNA (or scramble RNA, SCR) directed against 

NQO1. As shown in the scanned western blots in Fig. 24E, by transfecting cells with 

siRNA against NQO1 we were able to diminish NQO1 expression to a small extent. It is 

thus not surprising that by reducing NQO1 expression of this magnitude, an impact on 

mitochondrial SLP supported by MNQ (Fig. 24F) cannot be observed, not even when β-

OH is present (4 mM) expected to increase matrix NADH/NAD+ ratio (Fig. 24G), 

potentially weakening the ability of KGDHC to produce succinyl-CoA for succinate-

CoA ligase. A similar phenomenon has been observed by the group of Gueven [210] 

where HepG2 cells transduced with lentivirus encoding NQO1-specific shRNA showed 

only a moderate reduction in rescuing ATP levels during rotenone treatment.  
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Figure 24. Effect of diaphorase substrates or inhibitors or siRNA directed against 
NQO1 on mitochondrial SLP
panel E) depict reconstructed time courses of safranine O signal expressed in 
percentage. ADP (2 mM) rotenon
or oligomycin (olgm, 10 µM) were added where indicated. Mitochondrial substrates 
were common for all experiments shown in the panels and were glutamate (5 mM) and 

68 

Effect of diaphorase substrates or inhibitors or siRNA directed against 
mitochondrial SLP in permeabilized HepG2 cells. All panels (except 

panel E) depict reconstructed time courses of safranine O signal expressed in 
percentage. ADP (2 mM) rotenone (rot, 5 µM) and carboxyatractyloside (cATR, 1 µM) 
or oligomycin (olgm, 10 µM) were added where indicated. Mitochondrial substrates 
were common for all experiments shown in the panels and were glutamate (5 mM) and 

 

Effect of diaphorase substrates or inhibitors or siRNA directed against 
All panels (except 

panel E) depict reconstructed time courses of safranine O signal expressed in 
e (rot, 5 µM) and carboxyatractyloside (cATR, 1 µM) 

or oligomycin (olgm, 10 µM) were added where indicated. Mitochondrial substrates 
were common for all experiments shown in the panels and were glutamate (5 mM) and 
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malate (5 mM) and α-ketoglutarate (5 mM). β-hydroxybutyrate (βOH, 4 mM) was 
additionally present in the experiments shown in panel G. Dicoumarol (DIC) was 
present at 5 or 0.5 µM concentration, as indicated in the panels. MNQ, DQ and IDB 
were at 10, 50 and 10 µM, respectively, present where indicated. Cells transfection with 
NQO1 siRNA or scramble (SCR) is described in section 3.9. At the end of each 
experiment 0.5 µM SF 6847 was added to achieve complete depolarization. In panel E, 
scanned images of Western blots of anti-NQO1 and β-actin for control, NQO1 siRNA 
and scramble (SCR)-transfected HepG2 cells is shown. 
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5. DISCUSSION 

In the present work, potential inhibitory and supporting pathways of 

mitochondrial SLP were investigated. 

First, the metabolism of exogenously added GABA, SSA and GHB and their 

impact on the succinate-CoA ligase catalyzed reaction was addressed in isolated brain 

and liver mitochondria. Apart from the main observation of these experiments, i.e. that 

molecules catabolized through the GABA shunt ultimately impair SLP, it is important 

to dwell on ramifications of these pathways.  

The results of the experiments investigating the effect of GABA on ∆Ψm are in 

agreement with previous studies [88; 97; 194], showing that GABA supports 

mitochondrial respiration, and its oxidation is sensitive to GABA-T inhibition. An 

additional observation of this study is the large quantitative difference of GABA-

induced polarization between brain and liver mitochondria, indicating a higher 

metabolizing capacity of the liver. SSA conferred a full ∆Ψm in both types of tissues, 

whereas GHB was catabolized in the liver only, resulting in moderate mitochondrial 

polarization. 

Based on the observation that SSA was able to build up the maximum ∆Ψm, it is 

unlikely that the variance of GABA consumption in liver and brain mitochondria is due 

to a differential SSADH activity. We presume that it is due to either a differential 

expression of the GABA transport mechanism (which is yet to be identified), and/or a 

difference in GABA-T expression among the two tissues. The observation of Brand and 

Chapell [88], namely that GABA-T activity is manifold higher in rat brain than in rat 

liver mitochondria, challenges the latter assumption, however, it is still possible, 

regarding that in the present study mice tissues were used. 

From the NADH-measurements we concluded that SSADH activity in liver is 

approximately 5 times higher than that in brain mitochondria. This finding is at odds 

with those reported by Chambliss et al., showing that the liver activity for SSADH was 

about 2/3 of that in rat brain [211]. Again, perhaps this is due to the different choice of 

laboratory animal (rat in Chambliss et al., mice in this study). 

Also, it makes sense to ponder on the following concept: the reaction catalyzed by 

SSADH is strongly favored towards succinate formation [212; 213]. However, in 

organello, conditions maybe met where SSA concentration is sufficiently low so that 
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succinate could get diverted towards SSA formation, oxidizing NADH in the process. 

This is not an implausible scenario: it is well known that in isolation, the mitochondrial 

malate dehydrogenase reaction strongly favors NADH oxidation towards formation of 

malate from oxaloacetate; yet, under physiological conditions within the mitochondrial 

matrix, oxaloacetate concentration is so low that the reaction is pulled towards NADH 

formation [214]. Thus, mindful of the possibility that SSADH reaction could operate in 

reverse, addition of succinate to mitochondria will lead to NADH oxidation by this 

enzyme. By the same token, any substrate combination that yields succinate would also 

follow NADH oxidation through the SSADH branch of metabolism. This notion exerts 

a considerable impact on a large body of work regarding succinate and NADH/NAD+ 

pools addressing the so-called ‘reverse electron transport’, RET. RET is a ∆Ψm- and 

NADH/NAD+ ratio-dependent phenomenon [215], in which succinate-supported 

mitochondria exhibit electron flow from complex II to complex I involving coenzyme Q 

[216]. RET is associated with reactive oxygen species formation [217], and thus, it is a 

putative pharmacological target for many pathological situations involving ROS. On the 

basis of the results presented in this study, it is at least prudent to consider that NADH 

oxidation by SSADH, a nearly ubiquitous enzyme, will be confounding in interpreting 

RET-related experiments in which mitochondria are fueled by succinate, and the 

NADH/NAD+ ratio is a critical determinant of the measured variable. Still on the same 

line of thought but considering the thermodynamically favored SSADH reaction flow, 

the consequences on ROS formation by succinate originating from SSA obligatorily 

connected to an increase in NADH/NAD+ ratio can be ‘dissected’ from the status of 

complex I using rotenone. To put this more simply, the effect(s) of succinate on ROS as 

a function of an increased level of NADH (by using SSA) could be addressed in the 

presence of inhibited complex I. 

Our finding that GABA inhibits mitochondrial SLP supports the results of 

Rodichok and Albers [52], who examined the effect of GABA on SLP in isolated rat 

brain mitochondria respiring on αKG. They found that mitochondrial ATP and GTP 

production was decreased after 5 minutes of incubation with GABA, and the 

phosphorylating activity was rescued by AOAA. However, they performed the 

experiments in the presence of the ATP synthase inhibitor oligomycin and the K+ 

ionophore valinomycin, therefore, mitochondria were unable to produce ATP through 
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oxidative phosphorylation, but their respiration was still operational. In these 

circumstances succinate resulting from the GABA shunt could be further oxidized by 

complex II and was not accumulated, in contrast with our experiments performed in 

anoxia. Interestingly, when we tested the effect of GABA on SLP under complex I 

inhibition, it did not lead to reversal of the ANT (not shown). This together with the 

results of Rodichok and Albers allows us to conclude that in normoxia, flux through the 

GABA shunt decreases ATP (GTP) production rate by SLP, but as long as SDH is 

operational, this decrease in the intramitochondrial ATP/ADP ratio is not sufficient to 

make the organelles ATP consumers under conditions when Fo-F1 ATP synthase is in 

hydrolyzing mode. The authors did not establish the exact mechanism for the inhibitory 

effect of GABA. They found that the ATP-producing activity of SLP was completely, 

but the overall ATP concentration was only partially restored by the administration of 

AOAA, which made them suggest that GABA may affect mitochondrial high energy 

phosphate levels in multiple ways. Our experiments showing that GABA-T inhibitors 

prevent GABA-induced ANT reversal but not the SSA-induced ANT reversal clearly 

confirm that the inhibition of SLP is due to metabolism through the GABA shunt. 

The relevance of our finding that GABA impairs mitochondrial SLP extends to 

multiple organs because of the ubiquitous presence of the compound and its 

metabolizing enzymes. Furthermore, in some cells GABA metabolism is an inducible 

system [218-220]. Blood GABA level in mammals is in the submicromolar range [221]. 

The concentration of GABA in the cytosol is not known, but it is estimated that 

GABAergic neurons could have an intracellular transmitter concentration of at least 2 

mM [222], and in the vesicles of nerve endings this may achieve a 1000-fold increase 

[223]. During neurotransmission the synaptically released GABA can reach transiently 

1,5-3 mM concentrations, whereas the extrasynaptic transmitter concentration probably 

lies in the low micromolar range [223]. Therefore we suppose that the millimolar 

concentration used in our experiments is not far from the intracellular in vivo GABA 

levels, especially in tissues with the highest GABA concentrations, namely brain and 

liver. Regarding GHB, its endogenous levels are in the micromolar range, but 

millimolar concentrations can be achieved after exogenous intake [203]. A flux through 

the GABA shunt can make cells less capable of maintaining ATP-dependent processes 
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in anoxia, which may be an additional mechanism contributing to the extreme 

vulnerability of GABAergic neurons subjected to hypoxia [224-226].  

The second main topic of the present thesis was to examine the contribution of 

Nqo1 to diaphorase activity and mitochondrial SLP, and to test a number of quinone 

compounds as possible SLP-supporting diaphorase substrates in WT and Nqo1–/– 

samples. The most important observations can be summarized in the following points:  

i) from the experiments measuring diaphorase activity using DCPIP or 

cytochrome c as electron acceptor (chapter 4.2.1.), and measuring  NADH-

oxidizing activity (chapter 4.2.2.) it is obvious that in mouse liver 

mitochondria the diaphorase activity exerted by Nqo1 is very small 

compared to the overall diaphorase activity. The main portion of the NAD+-

regenerating activity can be attributed to some other, dicoumarol-insensitive 

diaphorase(s). Also MNQ seems to be reduced to a large extent by enzymes 

other than Nqo1. 

ii)  In accordance with these findings, the lack of Nqo1 does not influence 

mitochondrial respiration (chapter 4.2.3.) or mitochondrial SLP (chapter 

4.2.6.), showing that the enzyme is not necessary for the maintenance of 

matrix NAD+-pool in respiratory-inhibited mitochondria. 

iii)  Mitochondrial SLP can be inhibited by diaphorase inhibitors in Nqo1–/– 

samples (chapter 4.2.6.), which suggests that other diaphorases participate in 

NADH oxidation and these are sensitive to the used inhibitory compounds.  

iv) The five examined quinone molecules can donate electrons to the respiratory 

chain bypassing complex I, as demonstrated by the generation of ∆Ψm 

(chapter 4.2.5., however in WT mitochondria only) and a very small but 

significant increase in oxygen consumption when the quinones were added 

after rotenone (chapter 4.2.4.). Atpenin A5 decreased this quinone-induced 

respiration in each case, indicating the involvement of complex II in the 

pathway of electrons. 

v) From the five quinone substrates, DQ, IDB and MNQ were able to promote 

SLP in rotenone-treated mitochondria, and from these three, MNQ was 

ineffective in Nqo1–/– samples (chapter 4.2.7.). This leads to the conclusion 
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that mitochondrial SLP is supported by MNQ exclusively through the action 

of Nqo1.  

vi) In anoxia, only DQ was effective in helping SLP (chapter 4.2.7.); the other 

quinones rather weakened it, for yet not elucidated reasons. 

vii)  MNQ, DQ and IDB supported SLP in permeabilized HEPG2 cells as well, 

and this effect was inhibited by dicoumarol (chapter 4.2.8.). 

The results presented above can be visualized in the illustration shown in Fig. 

25. As indicated, rotenone (thick red line) prevents the oxidation of NADH to NAD+ 

and the reduction of ubiquinone (Q) to ubiquinol (QH2) by complex I, implied by 

dashed grey arrows. The ability of complex II, ETFDH, GPDH and DHODH 

reducing Q to QH2 remain intact. Likewise, complex III can still support oxidation 

of QH2 to Q. Complexes III and IV are able to pump protons outside the matrix, but 

the extent of their proton pumping capacity under these conditions is minimal. This 

is probably because the flux of electron flow in this ETC segment is weak due to a 

diminished provision of ubiquinol to complex III as mitochondrial diaphorase 

activity is too small to produce adequate amounts of QH2. This interpretation is 

supported by the findings that addition of quinones to rotenone-treated mitochondria 

led to a very small gain in respiration rates (Fig. 18) and ∆Ψm (Fig. 19). Provision of 

ubiquinol (QH2) to complex III may occur by complex II and/or ETFDH and/or 

DHODH and/or GPDH and/or Nqo1 and/or other mitochondrial diaphorases. It is 

not known if provision of more water-soluble quinols (QH2’) could occur through 

ETFDH and/or DHODH and/or GPDH. If through Nqo1, then there is concomitant 

oxidation of NADH to NAD+. If other diaphorases provided QH2’, these could 

either use NADH or some other electron donor (e-D). In any case, QH2 and QH2’ 

can be re-oxidized to Q and Q’ respectively, by complex III [227-230]. 

Alternatively, oxidation of QH2’ to Q’ may be redox-coupled to Q/QH2, implied by 

the double line brown arrow. The possibility of complex III reducing cytochrome c 

or some other cytosolic oxidant has been addressed in [45] and [231]. In either case, 

when a suitable Q’ and a mitochondrial diaphorase are concomitantly present, 

regeneration of NAD+ can occur allowing for the KGDHC reaction to proceed 

yielding succinyl-CoA. In turn, succinyl-CoA and ADP (or GDP) can be converted 

to succinate and ATP (or GTP) by SUCL. If MNQ is Q’, NAD+ provision for 
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KGDHC occurs through Nqo1. If idebenone, menadione, mitoquinone or 

duroquinone is Q’, mostly other diaphorases can perform this catalysis that are 

coupled to either NADH or e-D oxidation. Overall, bypassing an inhibited complex I 

with a suitable quinone leads to generation of high-energy phosphates in the 

mitochondrial matrix through mitochondrial SLP.  

 

 

Figure 25. Illustration of the pathways linking electron transport chain 
components with Nqo1 and other intramitochondrial diaphorases and the segment 
of the citric acid cycle performing mitochondrial SLP, when complex I is inhibited 
by rotenone. Q and QH2 indicate a lipophilic quinone and quinol (hydroquinone), 
respectively. Q’ and QH2’ indicate a hydrophilic quinone and quinol (hydroquinone), 
respectively. e-D(red) and e-D(ox) indicate an electron donor in the reduced or oxidized 
state, respectively. α-Kg: α-ketoglutarate; DHAP: dihydroxyacetone phosphate; 
DHODH: dihydroorotate dehydrogenase; ETFDH: electron-transferring flavoprotein 
dehydrogenase; Gly-3-P: glycerol-3-phosphate; GPDH: glycerol-3-phosphate 
dehydrogenase; IMM: inner mitochondrial membrane; IMS: intermembrane space; Glu: 
glutamate; KGDHC: α-ketoglutarate dehydrogenase complex; SDH: succinate 
dehydrogenase; SUCL: succinate-CoA ligase. The FAD cofactor of GPDH has been 
omitted, for clarity. 
 

Regarding MNQ, this is a naturally occurring naphthoquinone found in garden 

balsam, Impatiens Balsamina L [232] but has also been synthesized several years ago 

[233]. MNQ has been recently added to a list of “complex I bypass factors” as a result 
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of an effort to explore tool compounds for investigating tissues with an impaired 

complex I [184]. Complex I deficiency can be due to several mutations in structural 

subunits or assembly factors [29; 234] or Parkinson’s disease [27], for which a number 

of mouse models exist [235]. “Complex I bypass” is a strategy followed for treating 

complex I deficiency in an attempt to rescue oxidative phosphorylation by recruiting 

complex I-independent pathways. Several redox-active quinones are known to possess 

such an activity, namely idebenone and its analogues, menadione (vitamin K3), 

mitoquinone and duroquinone [183; 236-239], and recently an idebenone metabolite, 6-

(9-carboxynonyl)-2,3-dimethoxy-5-methyl-1,4-benzoquinone (QS10) was added to this 

list [240]. Among these, idebenone has been extensively researched and is approved for 

the treatment of Leber’s Hereditary Optic Neuropathy (LHON), a genetic disorder most 

commonly attributed to mutations in mitochondrial DNA encoding complex I subunits 

[241]. Idebenone is more hydrophilic than ubiquinone [183; 242], and it is a substrate 

for NQO1 [243], GPDH, complexes II and III, but not complex I [209; 244]. Current 

consensus is that complex II, mitochondrial GPDH and cytosolic NQO1 reduce 

idebenone to idebenol which is subsequently oxidized by complex III [209; 243; 244]. 

However, this consensus ignores the possibility that idebenone - and in all likelihood - 

other quinones are reduced by mitochondrial NQO1 and/or other matrix diaphorases. 

Our results unequivocally showed that idebenone and duroquinone supported 

mitochondrial SLP from glutamate implying that there was NAD+ regeneration in the 

matrix of intact, isolated mouse liver mitochondria; this occurred in the absence of 

exogenous pyridine nucleotides and a cytosolic diaphorase, and it was due to a 

dicoumarol-sensitive mitochondrial diaphorase activity; furthermore, MNQ was 

preferentially reduced by Nqo1, yielding matrix NAD+. Regeneration of NAD+ in the 

matrix of mitochondria with an inhibited complex I allowed KGDHC reaction to occur, 

eventually providing high-energy phosphates through mitochondrial SLP [21; 40]. This 

can at least partly explain why short-chain quinones exhibit ATP rescue abilities under 

conditions of a defective complex I [210]. At this junction it is important to consider 

that the potential benefit of quinones protecting mitochondria and the cells that harbor 

them may not be solely due to mitochondrial SLP, but also from acting as ROS 

scavengers. Indeed, it has been reported that in rat liver cells, CoQ1H2 formation from 
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CoQ1 by NQO1 was acting as a ROS scavenger at sufficiently high concentrations, 

affording cytoprotection independent from restoring ATP levels [245]. 

Regarding mitochondrial diaphorases responsible for NAD+ regeneration not 

being Nqo1, these cannot be Nqo2 either because this isoform uses dihydronicotinamide 

riboside (NRH) and not NAD(P)H as an electron donor [246; 247]. They could still be 

responsible though for quinone oxidation driving complex III and IV activity supporting 

respiration and mitochondrial membrane potential. As already pointed out by Ernster 

and colleagues, the mitochondrial DT-diaphorase and complex III exhibit different 

preferences and affinities for quinones and corresponding quinols, respectively [148; 

152]. Thus, it is important to consider not only which diaphorase oxidizes NADH, but 

also which quinone is reduced. As we have shown previously, addition of an exogenous 

redox-active quinone to isolated, respiration-inhibited mitochondria is not a requirement 

for demonstrating KGDHC-mediated provision of succinyl-CoA to succinate-CoA 

ligase, and the presence of a diaphorase inhibitor abolishes mitochondrial SLP [45]. 

This means that endogenous quinones are available and sufficient to sustain diaphorase 

activity. It is standard practice to include menadione or other vitamin K analogues in the 

chow of laboratory mice; it may well be possible that these or some other quinones that 

interconverted in the mouse liver mitochondria accounted for the redundancy of adding 

quinones exogenously. Perhaps this is why HepG2 cells did not exhibit an appreciable 

mitochondrial SLP, since standards cell growth media do not contain vitamin K 

analogues or other quinones. In rodent mitochondria only CoQ1, CoQ9 and CoQ10 

have been identified [248; 249]. Nqo1 is able to reduce CoQ1, but CoQ9 and CoQ10 are 

very poor diaphorase substrates [168; 243; 245; 250]. Thus, CoQ1 could be a candidate 

quinone for matrix diaphorases. On the other hand, CoQ1 concentration is much lower 

than that of CoQ9 and CoQ10; it cannot be excluded that there is some other, yet to be 

identified quinone in mitochondria with a sufficiently high hydrophilicity rendering it a 

suitable substrate for matrix diaphorases. Alternatively, endogenous quinones may 

participate in coupled redox reactions leading to a sequential reduction from the less 

concentrated, hydrophilic quinone utilized by the matrix-soluble diaphorases to the 

more concentrated, lipophilic quinone embedded in the inner mitochondrial membrane. 

The possibility of a yet to be identified mitochondrial quinone and the concept of 

coupled redox reactions of endogenous quinones (enzymatic or non-enzymatic) are non-

DOI:10.14753/SE.2019.2242



78 

 

mutually exclusive postulations. It is also important to emphasize that matrix 

diaphorases reducing quinones are responsible for oxidizing only a fraction of matrix 

NADH pools [45]; thus, other, non-diaphorase mediated, perhaps quinone-independent 

reactions are responsible for providing NAD+ to KGDHC when complex I is inhibited. 

Relevant to this, the group of Mootha have recently assembled a compendium of 

reactions producing or consuming NAD(P)H or NA(D)H, or using them as a redox co-

factor in liver cells [251]. Because several of those localize to the mitochondrial matrix, 

it would be interesting to explore if they contribute - and to what extent - to NAD+ 

provision for KGDHC when complex I is inhibited.   

Our results contribute to the understanding of the dynamic regulation of 

nicotinamide adenine dinucleotide metabolism in mitochondria [252]. NAD+-boosting 

strategies in particular, are rapidly becoming intense areas of research involving a wide 

spectrum of diseases, ranging from diabetes to cancer [253; 254]. More specifically and 

in the field of cancer, NQO1 has been implicated in cancer therapy [177]: inhibition of 

the enzyme may divert quinones towards a one-electron transfer by the cytochrome 

P450 system forming free radicals [255; 256] that oxidatively damage NQO1-

expressing cancer cells [257]. On the other hand, NQO1 converts certain quinones to 

cytotoxic agents, thus, its induction could be beneficial for cancer treatment. To this list 

of processes, inhibition of NQO1 and other mitochondrial diaphorases as a 

chemotherapeutic strategy could be added because it abolishes mitochondrial SLP, a 

process by which cancer cells are likely to rely upon in order to harness energy during 

adverse conditions of the tumor microenvironment [258].  
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6. CONCLUSION 

Our results show that GABA, SSA and GHB are metabolized through the GABA 

shunt, and SSA is an extremely efficient substrate energizing mitochondria in normoxia. 

In anoxia, the conversion of the molecules through the GABA shunt results in a build-

up of succinate and impairs mitochondrial SLP. This leads to the reverse operation of 

the ANT associated with a consequent consumption of extramitochondrial ATP. An 

important exception is the lack of effect of GHB in brain, most likely due to the very 

low HOT expression, the enzyme responsible for GHB catabolism towards the citric 

acid cycle. Otherwise, the implications of the results presented in this work extend to a 

multitude of tissues, because the expression of enzymes participating in the GABA 

shunt appears to be widespread [58-60; 82], and not limited to the central nervous 

system. It is therefore, reasonable to assume that in those cells where GABA shunt is 

active, mitochondrial SLP is impaired, making these cells more vulnerable to hypoxic 

injuries. 

The present work also confirms that mitochondrial diaphorases are important in 

regenerating NAD+ for KGDHC when complex I is inhibited, thus supporting 

mitochondrial SLP substantiated by succinate-CoA ligase. The most important 

observations of our experiments investigating the role of Nqo1 in this process are: i) 

provision of mitochondrial NAD+ during complex I inhibition was preferentially 

supported by Nqo1 diaphorase activity when MNQ was the substrate supporting 

mitochondrial SLP, and ii) mouse liver mitochondria harbor other than Nqo1 

dicoumarol-sensitive diaphorases capable of oxidizing NADH or other electron donors, 

when suitable quinones are available. Our work corroborates that complex I bypass can 

occur by quinones reduced by intramitochondrial diaphorases oxidizing NADH, 

ultimately supporting mitochondrial SLP. Finally, it may help to elucidate structure-

activity relationships of redox-active quinones with diaphorase enzymes, which could 

have relevance in the treatment of complex I deficiencies and certain cancer types.  
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7. SUMMARY 

Mitochondrial substrate-level phosphorylation is catalyzed by succinate-CoA 

ligase. In the reversible reaction succinyl-CoA and ADP (or GDP) is converted to 

succinate, CoASH and ATP (GTP). The enzyme is capable of producing high energy 

phosphates independently from the oxidative phosphorylation, thus it plays a significant 

role in preventing mitochondria from becoming ATP-consuming organelles when their 

respiratory chain is inhibited. For the operation of succinate-CoA ligase an adequate 

succinyl-CoA provision by the α-ketoglutarate dehydrogenase complex (KGDHC) is 

needed. When complex I is inhibited (due to the presence of rotenone or in anoxia), 

NAD+ that is required for the reaction catalyzed by KGDHC can be provided by 

mitochondrial diaphorases. 

In the present work metabolic pathways affecting mitochondrial substrate-level 

phosphorylation are described. GABA is a neurotransmitter which is metabolized via 

the GABA shunt to succinic semialdehyde, and finally to succinate which is able to 

enter the citric acid cycle. γ-Hydroxybutyrate (GHB) is a neurotransmitter and a 

psychoactive drug which is also converted to succinate during its degradation. Our 

results support the hypothesis that succinate produced through the metabolism of 

GABA, succinic semialdehyde or GHB shifts the equilibrium of the reversible reaction 

catalyzed by succinate-CoA ligase towards ATP (or GTP) hydrolysis. Thus, operation 

of the GABA shunt inhibits mitochondrial substrate-level phosphorylation. 

NAD(P)H quinone oxidoreductase 1 (NQO1) is an enzyme exhibiting diaphorase 

activity; it is able to provide oxidized NAD+ for the operation of substrate-level 

phosphorylation when suitable quinones are available. Our experiments performed on 

mitochondria isolated from Nqo1–/– and wild type mice show that Nqo1 is dispensable 

for the reaction catalyzed by succinate-CoA ligase. Conversely, other, yet unidentified 

dicoumarol-sensitive diaphorases are necessary for the suitable NAD+-provision during 

respiratory chain inhibition. Among the quinone substrates examined in the present 

thesis 2-methoxy-1,4-naphtoquinone, duroquinone and idebenone support diaphorase 

function and consequently substrate-level phosphorylation when complex I is inhibited. 

From these, 2-methoxy-1,4-naphtoquinone exerts its beneficial effect as a substrate for 

Nqo1. 
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8. ÖSSZEFOGLALÁS 

A mitokondriális szubsztrátszintű foszforilációt a szukcinil-CoA-szintetáz 

katalizálja. A reverzibilis reakcióban szukcinil-CoA és ADP (vagy GDP) alakul át a 

szukcináttá, CoASH-vá és ATP-vé (GTP-vé). Mivel az enzim az oxidatív 

foszforilációtól függetlenül képes magas energiájú foszfátok előállítására, kitüntetett 

szerepet játszik abban, hogy a mitokondrium ne váljon ATP-fogyasztó organellummá 

gátolt légzési lánc esetén. A szukcinil-CoA-szintetáz működéséhez szükség van az α-

ketoglurát-dehidrogenáz komplex (KGDHC) általi szukcinil-CoA ellátásra. A KGDHC 

által katalizált reakcióhoz szükséges NAD+-ot a komplex-I gátoltsága esetén (rotenon 

mellett vagy anoxiában) a mitokondriális diaforázok képesek biztosítani.  

Jelen munkában a mitokondriális szubsztrátszintű foszforilációt befolyásoló 

metabolikus utakat írtunk le. A GABA egy neurotranszmitter, mely a GABA-shunt 

folyamatában szukcinát-szemialdehiddé metabolizálódik, végül szukcinát formájában 

lép be a citromsavciklusba. A γ-hidroxi-butirát (GHB) egy neurotranszmitter és egy 

pszichoaktív szer, mely lebontása során szintén szukcináttá alakul. Eredményeink 

alátámasztják feltevésünket, miszerint a GABA, a szukcinát-szemialdehid és a GHB 

metabolizmusa során keletkező szukcinát anoxiában eltolja a szukcinil-CoA-szintetáz 

által katalizált reverzibilis reakciót ATP (GTP) hidrolízis irányába. Így a GABA-shunt 

működése a mitokondriális szubsztrátszintű foszforilációt gátolja. 

A NAD(P)H kinon oxidoreduktáz 1 (NQO1) egy diaforáz aktivitással bíró enzim, 

amely képes oxidált NAD+-ot szolgáltatni a szubsztrátszintű foszforiláció működéséhez, 

amennyiben megfelelő kinon szubsztrátok vannak jelen. Nqo1–/– és vad típusú 

egerekből izolált mitokondriumokon végzett méréseink azt mutatták, hogy az Nqo1 

működése nélkülözhető a szukcinil-CoA-szintetáz által katalizált reakció 

végbemeneteléhez. Ellenben más, jelenleg még azonosítatlan dikumarol-szenzitív 

diaforáz enzimek hozzájárulása elengedhetetlen a szükséges NAD+-ellátás 

biztosításához gátolt légzési lánc esetén. A jelen tézisben vizsgált kinon szubsztrátok 

közül a 2-metoxi-1,4-naftokinon, a durokinon és az idebenon támogatja a diaforáz 

működést és így a szubsztrátszintű foszforilációt gátolt komplex-I mellett. Ezek közül a 

2-metoxi-1,4-naftokinon jótékony hatását az Nqo1 szubsztrátjaként fejti ki. 
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